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ABSTRACT
Electrochemical Synthesis of Nanostructured Noble Metal Films for
Biosensing
Jay K. Bhattarai, Prof. Keith J. Stine (Advisor)
University of Missouri–St. Louis, MO, USA
Nanostructures of noble metals (gold and silver) are of interest because of their
important intrinsic properties. Noble metals by themselves are physically robust,
chemically inert, highly conductive, and possess the capability to form strong bonds with
thiols or dithiol molecules present in organic compounds, creating self-assembled
monolayers with tunable functional groups at exposed interfaces. However, when the
nanostructures are formed, they in addition possess high surface area and unique optical
properties which can be tuned by adjusting the shape and the size of the nanostructures.
All of these properties make nanostructures of noble metals suitable candidates to be used
as a transducer for optical and electrochemical biosensing. Individual nanostructures
might be easier to prepare but difficult to handle to use as a transducer. Therefore, we
prepared and analyzed nanostructured films/coating of noble metals and used them as a
transducer for optical and electrochemical biosensing.
We have electrochemically prepared nanoporous gold (NPG) on gold wire
varying different dependable parameters (deposition potential, time, and compositional
ratio) to obtain an optimal structure in term of stability, morphology, and better surface
area. NPG prepared using a deposition potential of −1.0 V for 10 min from 30:70% 50
mM K[Au(CN)2] and 50 mM K[Ag(CN)2] was used as an optimal surface for protein
immobilization, and to perform square wave voltammetry (SWV) based enzyme-linked
iv

lectinsorbent assays. On flat gold surfaces, adjacent protein molecules sterically block
their active sites due to high-density packing, which can be minimized using NPG as a
substrate. NPG can also show significant peak current in SWV experiments, a sensitive
electrochemical technique that minimizes non-Faradaic current, which is difficult to
obtain using a flat gold surface. These all make NPG a suitable substrate, electrode, and
transducer to be used in electrochemical biosensing.
We have also discovered a facile electrochemical method to synthesize novel
plasmonic noble metal nanostructured films. Plasmonic noble metal nanostructures have
promising applications in photovoltaic solar cells, cloaking, and molecular sensing. Here,
we used plasmonic noble metal nanostructures as a transducer for biosensing using
localized surface plasmon resonance (LSPR) spectroscopy, a label-free biosensing
technique. The prepared nanostructured films are not only sensitive for detecting
biomolecules, but are stable chemically and physically, and can be easily regenerated.
We have compared the sensitivity of three different types of nanostructured films,
namely; nanostructured gold film (NGF), nanostructured silver film (NSF), and NPG
film, and discussed the advantages and disadvantages of the prepared structures. Finally,
we report carbohydrate–lectin, lectin–protein, and layer-by-layer interactions of
molecules using LSPR spectroscopy. We have also performed real-time interactions and
concentration dependent studies to find the equilibrium dissociation constant of the
interactions. The results from these experiments could contribute to the development of
cheap and sensitive biosensors that can be used for diagnostic purposes.

v

DEDICATION

To my Family

vi

ACKNOWLEDGEMENT
First and foremost, I would like to express my sincere gratitude to my advisor,
Prof. Keith J. Stine, for his guidance, support, patience, and encouragement throughout
my Ph.D. at University of Missouri-St. Louis. I am indebted to him for all his help.
Without his guidance and effort, this research would have been far from completion.
I would like to acknowledge Prof. James S. Chickos, Prof. Alexei V. Demchenko,
and Prof. Michael R. Nichols for being the part of the committee and providing me
valuable suggestions and encouragement.
I want to acknowledge my former lab mates Dr. Kenise Jefferson, Dr. Yih H. Tan,
Dr. Binod Pandey, and Dr. Abeera Sharma for mentoring me in my early days, creating
excellent working environment, and collaborating in different projects. I want to thank
my current lab mate Allan J. Alla for helpful discussions on different projects and
creating excellent working environment in the lab. I would also like to thank all the
masters, undergraduate, and high school students who have directly or indirectly worked
with me to move the projects forward. I am thankful to Dr. Kohki Fujikawa from Prof.
Demchenko’s lab who synthesized thiolated glycosides and PEG derivatives required for
our experiments. I would like to wish them all better and successful future.
I am grateful to Dr. David Osborn from microscopy laboratory for guiding me
while taking SEM images. I am also thankful to all the respected professors, staff,
graduate students, and undergraduate students in the UMSL Department of Chemistry
and Biochemistry and Center for Nanoscience for creating friendly and productive
environment.

vii

I would like to thank my grandmother Bed Maya Bhattarai, father Tilak Bhattarai,
mother Ganga Bhattarai, brother Bijay Bhattarai, wife Rozina Karki Bhattarai, and
daughter Jaslyn Bhattarai for their love, support, and encouragement without which this
entire degree would not have been possible. My life is beautiful all because of them.
Finally, I would like to thank University of Missouri–St. Louis, Department of
Chemistry and Biochemistry, and Center for Nanoscience for providing me the platform
for my better future by accepting me as a graduate student.

viii

TABLE OF CONTENTS
ABSTRACT....................................................................................................................... iv
DEDICATION ................................................................................................................... vi
ACKNOWLEDGEMENT ................................................................................................ vii
TABLE OF CONTENTS ................................................................................................... ix
LIST OF ABBREVIATIONS .......................................................................................... xiii
LIST OF FIGURE............................................................................................................. xv
LIST OF TABLES ......................................................................................................... xxiv
CHAPTER 1 GENERAL INTRODUCTION .................................................................... 1
1.1

Biosensors ................................................................................................. 1

1.2

Electrochemical Biosensor ........................................................................ 4

1.3

1.4

ix

1.2.1

Voltammetry ........................................................................................ 5

1.2.2

Electrochemical impedance spectroscopy ........................................... 7

Optical Biosensor ...................................................................................... 9
1.3.1

Surface plasmon polariton ................................................................. 10

1.3.2

Localized surface plasmon resonance ................................................ 13

1.3.3

Thermal and Piezoelectric Biosensors ............................................... 15

Nanostructured Transducers .................................................................... 16
1.4.1

Nanostructures ................................................................................... 16

1.4.2

Nanostructures as transducers ............................................................ 18

1.5

1.6

Modification of Transducer Surface ....................................................... 19
1.5.1

Self-assembled monolayers (SAMs).................................................. 19

1.5.2

Protein immobilization....................................................................... 21

References ............................................................................................... 27

CHAPTER 2 MATERIALS AND METHODS ............................................................... 33
2.1

Materials .................................................................................................. 33

2.2

Preparation of Nanoporous Gold (NPG) ................................................. 34
2.2.1

Preparation of NPG on gold wire....................................................... 34

2.2.2

Preparation of NPG on flat gold plate................................................ 35

2.3

Electrochemical Annealing of Nanoporous Gold Wire .......................... 36

2.4

Preparation of Nanostructured Gold and Silver Films ............................ 36

2.5

Surface Modification with Organic and Biological Molecules ............... 36
2.5.1

Preparation of self-assembled monolayers (SAMs) .......................... 37

2.5.2

Covalent immobilization of proteins on SAMs ................................. 37

2.5.3

Bioaffinity immobilization of proteins .............................................. 37

2.6

Localized Surface Plasmon Resonance Spectroscopy ............................ 38

2.7

Electrochemical Characterization ........................................................... 39

x

2.7.1

Cyclic voltammetry (CV) .................................................................. 39

2.7.2

Electrochemical impedance spectroscopy (EIS) ................................ 40

2.7.3

Square wave voltammetry (SWV) ..................................................... 40

2.8

Scanning Electron Microscopy (SEM) ................................................... 40

2.9

Electrocatalytic oxidation of glucose on NPG wire ................................ 41

2.10

References ............................................................................................... 42

CHAPTER

3

PREPARATION,

MODIFICATION

AND

APPLICATION

OF

NANOPOROUS GOLD ................................................................................................... 43
3.1

Introduction ............................................................................................. 43

3.2

Results and Discussion ............................................................................ 46
3.2.1

Fabrication of NPG on gold wire ....................................................... 46

3.2.2

Fabrication of NPG on flat gold......................................................... 52

3.2.3

Post-modification of NPG-coated gold wire...................................... 58

3.2.4

Application of NPG ........................................................................... 69

3.3

Conclusions ............................................................................................. 92

3.4

References ............................................................................................... 93

CHAPTER 4 FABRICATION OF NANOSTRUCTURED GOLD FILM FOR THE
STUDY OF BIOMOLECULAR INTERACTIONS USING LSPR SPECTROSCOPY . 97
4.1

Introduction ............................................................................................. 97

4.2

Results and Discussions ........................................................................ 103

xi

4.2.1

Nanostructured gold film (NGF) Preparation .................................. 103

4.2.2

Refractive index sensitivity (RIS) test ............................................. 107

4.2.3

Biosensing ........................................................................................ 111

4.2.4

Regeneration of NGF ....................................................................... 121

4.3

Conclusions ........................................................................................... 124

4.4

References ............................................................................................. 125

CHAPTER 5 REFRACTIVE INDEX SENSITIVITY OF NANOSTRUCTRED SILVER
FILM, AND COMPARISON TO GOLD NANOSTRUCTURES................................. 130
5.1

Introduction ........................................................................................... 130

5.2

Result and Discussion ........................................................................... 132
5.2.1

Refractive index sensitivity of NSF ................................................. 134

5.2.2

Comparison of RIS of silver and gold nanostructure....................... 136

5.3

Conclusions ........................................................................................... 138

5.4

Reference ............................................................................................... 139

xii

LIST OF ABBREVIATIONS
BSA

Bovine serum albumin

CEA

Carcinoembryonic antigen

Con A

Concanavalin A

CV

Cyclic voltammetry

EDX

Energy dispersive X-ray spectrometer

EIS

Electrochemical impedance spectroscopy

FOM

Figure of merit

FWHM

Full width at half maximum

GW

Gold wire

LPA

Lipoic acid

LSPR

Localized surface plasmon resonance

MDDA

12-Mercaptododecanoic acid

MUA

11-Mercaptoundecanoic acid

NGF

Nanostructured gold film

xiii

nm

Nanometer

NPG

Nanoporous gold

NSF

Nanostructured silver film

PAMAM

Poly(amido amine)

RIS

Refractive index sensitivity

RIU

Refractive index unit

SAM

Self-assembled monolayer

SEM

Scanning electron microscopy

SPP

Surface plasmon polariton

SPR

Surface plasmon resonance

SWV

Square wave voltammetry

TEG (HO-PEG2-SH)

8-Mercapto-3,6-dioxaoctanol

xiv

LIST OF FIGURE
Figure 1.1 Schematic diagram of a typical biosensor. ........................................................ 1
Figure 1.2 Photographic image of typical setup of three-electrode cell showing
arrangement of the electrodes in a three-necked pear-shaped flask. .................. 5
Figure 1.3 (A) Triangular potential waveform of cyclic voltammetry and (B) cyclic
voltammogram for redox active species.22 ......................................................... 6
Figure 1.4 Schematic illustrations of (A) sandwich type immunosensor and (B) color
corresponding Nyquist plots obtain from EIS. The Nyquist plots are color
coded to show a typical shift of the Nyquist plot after each binding event. ...... 8
Figure 1.5 Most frequently used setup (Kretschmann configuration) for a SPP-based
biosensor working as a immunosensor. ............................................................ 12
Figure 1.6 Schematic diagram illustrating localized surface plasmon resonance. ........... 13
Figure 1.7 Photographic image of setup of typical reflection based LSPR spectroscopy. 15
Figure 1.8 Schematic depiction of an ideal SAM formed on a gold substrate. ................ 20
Figure 1.9 Schematic diagram of protein immobilization techniques. ............................. 22
Figure 1.10 Covalent protein immobilization mechanisms via EDC/NHS coupling ....... 24
Figure 3.1 SEM image of an NPG plate prepared by dealloying commercially available
10K white gold in concentrated nitric acid for 48 h. ........................................ 43
Figure 3.2 Cartoon showing applications of NPG in different fields. .............................. 44
Figure 3.3 Schematic diagram of wet chemical method of preparing NPG. .................... 45
Figure 3.4 Schematic of electrochemical method of preparing NPG on gold wire. ......... 46
Figure 3.5 Cyclic voltammograms of NPG-coated gold wires prepared by applying
different deposition potentials. ......................................................................... 47
xv

Figure 3.6 Low-magnification SEM images of NPG-coated gold wires prepared at (A)
−1.0 V, (B) −1.2 V and (C) −1.6 V for 10 min showing change in
morphological features with changing potential. Scale bar: 5 µm. (A’), (B’) and
(C’) are the low-magnification cross sectional of (A), (B) and (C), respectively,
showing change in thickness. Scale bar: 20 µm. .............................................. 48
Figure 3.7 EDX elemental analysis of an NPG-coated gold wire shows only the presence
gold after dealloying. ........................................................................................ 49
Figure 3.8 CV of NPG-coated gold wires prepared at different (A) ratio of Au and Ag
solution for 10 min and (B) deposition time with Au30Ag70 ratio, deposition
potential = −1.2 V............................................................................................. 50
Figure 3.9 Increase in thickness of NPG-coated gold wires with the deposition time. (A)
10 min and (Aʹ) 20 min at deposition potential −1.0 V, and (B) 1 min and (Bʹ)
4 min at −1.4 V. Scale bar: 20 µm. .................................................................. 51
Figure 3.10 SEM images of electrochemically prepared NPG films after Au30Ag70
alloying at −1.2 V and dealloying at (A) +1.0 V, (B) +1.2 V, and (C) +1.4 V in
KNO3 for 1 min. Scale bar: 200 nm. (A’), (B’) and (C’) are the corresponding
EDX spectra showing changing Au to Ag ratio with changing potential. ....... 54
Figure 3.11 (A–C) SEM images of NPG films prepared by electrochemical dealloying for
1 min, 6 min and 12 min, and (D) NPG plate prepared by nitric acid dealloying
of commercially available alloy plate for 48 h. Scale bar: 200 nm. ................. 55
Figure 3.12 Reflection spectra of electrochemically prepared NPG films using a
dealloying potential of +1.0 V (vs. Ag/AgCl, satd. KCl) for different
dealloying times. .............................................................................................. 56
xvi

Figure 3.13 Bulk RIS test of the NPG film prepared using alloying deposition potential of
−1.2 V for 1 min and dealloying potential of +1.0 V for 1 min. (A) LSPR
spectra obtained at different RI, 1, 1.33, 1.36, and 1.495 using air, water,
ethanol, and toluene respectively, represented by lines of different colors. (B)
Plot of peak wavelength versus RI showing linear dependence. ..................... 57
Figure 3.14 SEM images of NPG plate prepared by dealloying for (A) 48 h and (B) 42
days showing change in width of gaps and ligaments. Scale bar: 500 nm....... 59
Figure 3.15 Cyclic voltammograms used to determine gold surface area by oxide
formation and reduction for NPG annealed in: (A) 0.1 M NaClO4 and (B) 0.1
M NaNO3 for 50 oxidation–reduction cycles, shown after every 5 cycle, (C)
similar CV scans shown for annealing of NPG performed for 30 cycles in 0.1
M KCl, with data shown after every fifth cycle. (D) The CV scans recorded
during application of the 30 annealing cycles in 0.1 M KCl. Scan rate = 100
mV s−1............................................................................................................... 63
Figure 3.16 Surface area reduction after annealing in different electrolyte solutions using
.......................................................................................................................... 64
Figure 3.17 SEM images of NPG (A) unannealed (B-D) annealed, in KCl for 30 cycles,
in NaNO3 for 50 cycles and in NaClO4 for 50 cycles, respectively. Scale bars:
200 nm. ............................................................................................................. 65
Figure 3.18 Interligament gap (A–D) and ligament width (A’–D’) of nanoporous gold
before (A and A’) and after annealing under different solutions (B–D’). ........ 66
Figure 3.19 (A) Cyclic voltammograms for the determination of electrochemically
accessible surface area, and (B,C) cathodic and anodic peak current versus the
xvii

square root of the scan rate of flat gold wire showing linear dependency. The
scans were from +0.6 to −0.2 V in 10 mM K3[Fe(CN)6]. ................................ 68
Figure 3.20 SEM micrograph of NPG wire half dipped in 1 mg mL−1 BSA solution for 5
min (A) color contrast showing no protein immobilized (bright) and physically
immobilized BSA (dark). (B) High-magnification SEM image near the
boundary of protein immobilized and non-immobilized region. (C) and (D) are
low-magnification images of cross-section and top view of protein
immobilized region showing BSA layers. ........................................................ 72
Figure 3.21 High-magnification SEM images of (A) NPG not dipped in protein solution
and (B) and (C) NPG and flat gold wire, respectively, dipped in 1 mg mL−1
BSA solution. Scale bar: 200 nm. (A') and (B') are SEM images corresponding
to (A) and (B) with scale bar 100 nm. Image with scale bar of 100 nm with
better resolution cannot be obtained for BSA on flat gold. .............................. 73
Figure 3.22 SEM images of NPG after immobilization of different concentration of BSA
on surface for 5 min (A) 1 mg mL−1 (B) 0.1 mg mL−1, and (C) 0.01 mg mL−1.
Scale bar: 200 nm. (A'), (B') and (C') are the corresponding images of (A), (B)
and (C) with scale bar: 100 nm. ....................................................................... 74
Figure 3.23 (A) Comparison of initial LSPR peak positions of different NPG samples
prepared under the same conditions from the same solution bath. (B) LSPR
spectra of LPA functionalized NPG (red) and after interaction with BSA (blue)
clearly showing red shift in peak wavelength and increase in intensity of
1/reflection........................................................................................................ 76

xviii

Figure 3.24 The schematic diagram of the electrode modification steps used to perform
bioassays on an NPG wire. The NPG was first modified with LPA SAMs onto
which either glycoprotein or lectin–enzyme conjugate was immobilized, and
finally different types of assays were performed. ............................................ 77
Figure 3.25 Square-wave voltammograms of Con A–ALP conjugate immobilized on gold
wire and NPG using LPA SAMs. SWV were recorded with 1 mM p-APP in
glycine buffer (pH 9.0, 100 mM) after 2 min incubation with the substrate pAPP. .................................................................................................................. 79
Figure 3.26 Square wave voltammogram of NPG wire after immobilizing Con A–ALP
conjugates using different SAMs (1) LPA, (2) MDDA, (3) a 1:5 mixed SAM of
MDDA and mercaptooctanol (HO-C8-SH), and (4) a 1:5 mixed SAM of
MDDA and 3,6-dioxa-8-mercaptooctanol (PEG3-SH). ................................... 80
Figure 3.27 Peak current vs. p-APP concentrations of the Con A–ALP conjugate
immobilized on LPA fitted to the Michaelis–Menten equation. ...................... 84
Figure 3.28 Kinetic ELLA response on NPG. Different concentrations of (A) IgG and (B)
transferrin were incubated for 2 h in PBS (pH 7.4) with Con A–ALP conjugate
immobilized on LPA modified NPG and the difference in peak current before
and after incubation was plotted to obtain the response plot. .......................... 85
Figure 3.29 Bar plot for SWV response due to Con A–ALP conjugate binding to different
glycoproteins on NPG. Glycoproteins were immobilized on NPG and
incubated with 50 µg mL−1 conjugate for 24 h and then incubated with 1 mM
p-APP for 2 min. .............................................................................................. 88

xix

Figure 3.30 CV of FGW and NPG in 0.1 M NaOH solution (black) and 5 mM glucose in
0.1M NaOH solution (red). Green CV of NPG represents scanning up to 0.2 V
in 5 mM glucose in 0.1M M NaOH solution. Scan rate: 100 mV s-1. .............. 90
Figure 3.31 CV of NPG when scanned up to 0.2 V in 5 mM glucose in 0.1M M NaOH
solution at three subsequent scans. Scan rate: 100 mV s−1. ............................. 91
Figure 3.32 CV of FGW and NPG in 5 mM glucose in 0.1M NaOH solution under
multiscan (number of scans indicated). Scan rate: 100 mV s−1........................ 91
Figure 4.1 Schematic depiction of (A) nanostructured gold film fabrication steps (B)
electrochemical setup for nanostructured gold film fabrication and (C) optical
setup for localized surface plasmon resonance spectroscopy (reflection mode).
........................................................................................................................ 104
Figure 4.2 Photographic images of (A) flat gold surface on glass slide before stripping off
of silicon wafer and (B) showing changes on gold surface before and after
electrodeposition. ........................................................................................... 105
Figure 4.3 (A) Chronoamperometric curves obtained during the preparation of NGFs by
applying different potentials and times (indicated). (B) LSPR spectrum of
corresponding NGFs recorded in a nitrogen environment. ............................ 106
Figure 4.4 SEM images of NGFs prepared using (A,B) one-step chronoamperometry
technique, −1.2 V for 60 s and −1.2 V for 90 s, respectively and (C–E) twostep chronoamperometry technique, −1.2 V for 60 s followed by −1.0 V for 30
s, −1.2 V for 60 s followed by −1.4 V for 30 s, and −1.2 V for 60 s followed by
−1.6 V for 30 s, respectively. Scale bar: 2 µm. Insets are the corresponding
high-magnification SEM images. Scale Bar: 0.2 µm. .................................... 107
xx

Figure 4.5 (A) Bulk refractive index response of nanostructured gold films prepared
using electrodeposition conditions of −1.2 V for 60 s, and then −1.6 V for 30 s.
LSPR spectra obtained at different refractive indices (n) = 1, 1.33, 1.35,
1.37,1.39, 1.41, and 1.43 in nitrogen, water, 15, 30, 45, 60, and 75% glycerol,
respectively. The nitrogen peak is the lowest and the peaks move upward in the
graph with increasing refractive index. (B) Plot of peak wavelength versus
refractive index for the spectra shown in (A). (C) LSPR spectra showing the
bulk RIS response at the same series of refractive index values for
nanostructured gold film prepared using electrodeposition at −1.2 V for 90 s.
(D) Plot of peak wavelength versus refractive index for the spectra shown in
(C). .................................................................................................................. 109
Figure 4.6 Schematic diagram of binding of Concanavalin A to thiolated mannoside
immobilized on NGF surface. ........................................................................ 112
Figure 4.7 LSPR spectra of NGF, unmodified (black), modified with mixed SAMs of
αMan-C8-SH and TEG-SH prepared from 1:3 solution molar ratio (1 mM total
concentration in ethanol, 2 h (red) and after immobilization of 0.5 µM proteins
for 1 h (green) (A) Concanavalin A and (B) bovine serum albumin. ............ 113
Figure 4.8 Nyquist diagram (Z’ vs. Z’’) for Faradic impedance measurement of NGF in
10 mM PBS buffer pH 7.4 containing 5 mM K3[Fe(CN)6]/ K4[Fe(CN)6] (1:1
mixture), unmodified (black), modified by mixed SAMs (red), and after Con A
immobilization (green). The impedance spectra were recorded within
frequency range of 100 kHz to 0.1 Hz. Inset is equivalent circuit used to model

xxi

impedance data. The panel on the right shows an expanded view of the highfrequency data for the bare NGF and the SAM-modified NGF. .................... 114
Figure 4.9 (A) Plot of the inverse of the percent reflectance at the peak wavelength versus
bulk refractive index for the nanostructured gold film prepared at −1.2 V for 60
s ...................................................................................................................... 116
Figure 4.10 (A) Con A binding kinetics curves obtained for different concentration of
Con A (indicated). The regression plots of the curves (cyan color) was obtained
by fitting the built-in equation for exponential rise to maxima to obatin values
of 1/τ. (B) Determination of the binding affinity of Con A to a mannose SAM
by plotting 1/τ vs. different concentration of Con A. ..................................... 117
Figure 4.11 Schematic diagram of the technique applied for the detection of CEA using
NGF. ............................................................................................................... 119
Figure 4.12 (A) LSPR spectra of NGF showing shift by 17 nm on covalent
immobilization of Con A on SAMs of 11-mercaptoundecanoic acid (MUA).
(B) LSPR spectra shift by 23 nm on interaction of CEA to Con A immobilized
as in (A). ......................................................................................................... 120
Figure 4.13 LSPR spectra of multi-layer of biomolecules formed on NGF surface: LSPR
spectra of (black) blank NGF, (red) MDDA SAMs formed on NGF, (green)
immobilized PAMAM dendrimers-G5 on SAM, and (blue) immobilized
mannose first formed on G5 followed by Con A on mannose . Spectra were
obtained in a nitrogen environment. ............................................................... 122
Figure 4.14 Experiments performed to compare freshly prepared and regenerated NGF.
(A) LSPR spectra of freshly prepared NGF (black) and regenerated NGF (blue)
xxii

in a N2 environment. (B) cyclic voltammograms of freshly prepared NGF
(black), SAM immobilized NGF (red), Con A immobilized NGF (green), and
regenerated NGF (blue) showing very less difference between regenerated and
the freshly prepared NGF. (C) SEM image of NGF after regeneration
stepshowing no distinct difference than that of the freshly prepared NGF. ... 123
Figure 5.1 Schematic diagram of NSF preparation steps. .............................................. 133
Figure 5.2 LSPR spectra of NSF prepared by applying a deposition potential of −1.2 V
for different times (as indicated). ................................................................... 134
Figure 5.3 (A) LSPR spectra obtained when solutions of different refractive index were
passed over the NSF surface prepared by depositing silver for 1 min by
applying a −1.2 V potential. (B) A linear fit line is obtained when peak
wavelength is plotted vs. refractive index, the slope of which gives the bulk
RIS of the nanostructure and is equal to 186 ± 6 nm/RIU. ............................ 135
Figure 5.4 Comparison of bulk RIS of NSF prepared by applying −1.2 V for different
deposition times (30 s, 60 s, 90 s, and 150 s). ................................................ 136
Figure 5.5 SEM images of NSF prepared by applying (A) −1.2 V and (B) −1.4 V
potential for 1 min of deposition time. The images from left to right are in
order of increasing magnification (scale bars: 2 µm, 0.5 µm, 0.2 µm,
respectively). .................................................................................................. 137

xxiii

LIST OF TABLES
Table 1.1 Classification of biosensors according to the type of transducer used ............... 3
Table 1.2 Classification of nanostructures on the basis of dimensions ............................ 18
Table 3.1 Surface area comparison of NPG-coated gold wires under different conditions.
.......................................................................................................................... 52
Table 3.2 Comparison of RIS of NPG films formed on flat gold surface at 1 min of
deposition and dealloying time......................................................................... 58
Table 3.3 Surface areas determined by both oxide stripping and use of a diffusing redox
probe for the NPG-coated gold wire, annealed NPG-coated gold wire, and bare
gold wire electrodes.......................................................................................... 69
Table 3.4 Surface coverage of proteins on NPG............................................................... 82
Table 4.1 Sensitivity of NGF prepared under different conditions. ............................... 110

xxiv

CHAPTER 1 GENERAL INTRODUCTION
1.1

Biosensors
According to IUPAC, “a biosensor is device that uses specific biochemical

reactions mediated by isolated enzymes, immunosystems, tissues, organelles or whole
cells to detect chemical compounds usually by electrical, thermal or optical signals”.1

Figure 1.1 Schematic diagram of a typical biosensor.
A typical biosensor consists of bioreceptor, transducer, and detector,2 as shown in
Figure 1.1. Bioreceptors are biochemical recognition systems attached or kept in
proximity to the surface of the transducer whereas the transducer transforms the
biochemical response into the measurable signal which is then detected by the detector.
The first biosensor reported was an amperometric enzyme electrode for glucose detection
in 1962 by Clark and Lyons.3 Since then, much effort have been made to commercialize
biosensors, but did not succeed until 1975 when Yellow Springs Instruments Company
released the first glucose sensor system.4 Medisense Inc. became the first company to
release a personal glucose meter in 1987.5 The first optical biosensor was published in the
1

early 1980s. Research on biosensors and their commercialization has been growing each
year, which is evident from the increasing number of publications. Two of the
commercially successful biosensors include a pregnancy test kit which detects human
chorionic gonadotropin (hCG) protein in urine and glucose monitoring kits for diabetic
patients which monitor the glucose level in blood.6-7
Biosensors have applications in wide variety of fields besides medical diagnostics
and toxicology tests. They can be used in general industries, to monitor environmental
pollution, for forensics and crime detection and to understand the interaction between
biomolecules.8-11 The ideal biosensors should be highly specific to analyte; independent
of stirring, pH, and temperature; biocompatible; cheap; easy to use; and durable. It should
also be capable to detect small sample volume rapidly and accurately.12-13 It is, however,
difficult to prepare an ideal biosensor, and researchers are mainly focusing on preparing
biosensor containing many of the above-mentioned properties.
Biosensors can be classified according to either the type of bioreceptors used or
the transduction method used.14 The most common types of bioreceptors used in
biosensors include enzymes, antibodies, nucleic acids, proteins, microorganisms, and
cells. The most popular among these are the enzymatic biosensors because of the
specificity of a well-chosen enzyme toward the analyte and its catalytic activity.
Including early biosensors, most glucose monitoring biosensors use the enzyme glucose
oxidase (GOx) which can catalyze the oxidation of glucose into gluconic acid and
hydrogen peroxide.3-4 Other commonly used enzymes include oxidoreductase,
transferase, and hydrolases. The performance of enzyme-based biosensors not only
depends on a suitable substrate, pH, temperature, and cofactors but also depend on the
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methods of enzyme immobilization on the substrate.4 The biosensors based on antibodies
are called immunosensors and are useful in studying different types of antibody–antigen
interactions.15 Immunosensors are a valuable tool for detecting cancer biomarkers (e.g.,
prostate specific antigen and carcinoembryonic antigen), cancer cells, bacteria, virus,
etc.15 The other emerging biosensors are nucleic acid-based biosensors called
genosensors where natural and biomimetic forms of oligo- and polynucleotides,
including, aptamers of DNA or RNA are used as bioreceptors with or without labeling if
the target nucleic acid sequence is known.16 The potential applications of genosensors
include gene analysis, clinical diagnostics, forensic study, and medical applications.16-17
Biosensors can be divided based on transduction methods into optical,
electrochemical, thermal, and piezoelectric which are summarized on Table 1.1.14, 18
Table 1.1 Classification of biosensors according to the type of transducer used.
Transducers

Technique

Electrochemical

Voltammetry,

Impedometry,

Potentiometry,

Amperometry,

Conductometry
Optical

Surface and
Fluorescence,

localized

plasmon resonance,

Ellipsometry,

Surface

enhanced

spectroscopy
Thermal

Calorimetry

Mass (piezoelectric) Crystal microbalance, Surface acoustic wave

3

Absorbance,
Raman

1.2

Electrochemical Biosensor
Electrochemical biosensors are popular because of their ability to detect small

sample volumes, low-cost, and simplicity of usage. The other advantage of the
electrochemical biosensors is that they can be performed in colored or turbid samples
without any interference such as in the case of detecting analytes within blood samples.19
In electrochemical biosensors, bioreceptors selectively react with the target
analyte and produces an electrical signal in the form of current (amperes) and/or potential
(volts) and/or impedance (ohms) which can then be measured using different approaches,
including voltammetric, potentiometric, amperometric, conductometric, and impedimetric
methods.20 The amount of signal produced is related to the concentration of the analyte
reacting with bioreceptors. The electrochemical biosensors can further be divided into
biocatalytic devices and affinity sensors, depending on the nature of biological
recognition process.20 Biocatalytic devices produce measurable electroactive species on
analyte recognition e.g. glucose and lactose detection, whereas affinity sensors produce
electroactive signals by selectively binding the analyte to the bioreceptor e.g.,
antigen/antibody interaction and DNA hybridization.
An electrochemical biosensor consists of two or three electrodes first dipped into
a supporting electrolyte.21 Analyte can be mixed with the supporting electrolyte or can be
added later depending on the experiment performed. A typical three-electrode
electrochemical cell consists of (1) reference electrode, usually silver/silver chloride (KCl
sat.) (0.22 V vs. SHE, standard hydrogen electrode); (2) counter or auxiliary electrode,
made up of platinum wire (99.997% purity); and (3) working electrode, which is
conductive and chemically stable such as platinum, gold, or carbon. Photograph of a
4

typical three-electrode cell is shown in Figure 1.2, showing three alligator clips holding
three different electrodes.

Figure 1.2 Photographic image of typical setup of three-electrode cell showing
arrangement of the electrodes in a three-necked pear-shaped flask.
1.2.1

Voltammetry

Voltammetry is useful for quantification of low-level samples where a potential is
applied to the working electrode versus a reference electrode and current is measured
versus a counter-electrode.20 In this technique, the potential is scanned over a set
potential range while recording the current as a peak or plateau which is proportional to
the concentration of analyte. The common voltammetry methods include linear sweep
voltammetry, cyclic voltammetry, square wave voltammetry, differential pulse
voltammetry, polarography, etc.
Cyclic voltammetry (CV) is one of the most commonly used electroanalytical
techniques for the study of electroactive species. It is normally performed without stirring
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the analyte solution. In this technique, the potential is linearly scanned to a certain point
and scanned back to the starting point making a triangular waveform, as shown in Figure
1.3A,B.22 If a redox reaction occurs under such conditions, anodic and cathodic current
peaks can be obtained when current is plotted versus potential, also called a
voltammogram. The anodic peak current (ipa), cathodic peak current (ipc), anodic peak
potential (Epa) and cathodic peak potential (Epc) are characteristic of types of reactions
and concentration of analyte.22

Figure 1.3 (A) Triangular potential waveform of cyclic voltammetry and (B) cyclic
voltammogram for redox active species.22
If both the species in redox couple can rapidly exchange electrons with the
working electrode, they are called an electrochemically reversible couple whose formal
reduction potential (E0) can be obtained by
E0 = (Epa + Epc)/2
whereas the number of electrons transferred can be determined by
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(1.1)

∆E = (Epa − Epc) ≈ 0.059/n

(1.2)

The peak current (ip) can be obtained using Randles–Sevcik equation:
ip = (2.69 × 105) n3/2AD1/2Cν1/2

(1.3)

where n is the electron stoichiometry, A is surface area of electrode (cm2), D is diffusion
coefficient (cm2 s−1) of the electroactive species, C is concentration (mol cm−3), and ν is
scan rate (V s−1) with the value of ipa being equal to ipc, so
ipa/ipc = 1

(1.4)

If there is a slow electrons exchange between the redox species with the working
electrode surface, those redox couple is called an electrochemically irreversible couple
which causes increase in peak potential separation and all the above equations are not
exactly applicable in this case.22
1.2.2

Electrochemical impedance spectroscopy

Electrochemical impedance spectroscopy (EIS) is another very sensitive
technique which can be used for biosensing.23 This technique measures the resistive and
capacitive properties of materials by applying a small alternating sinusoidal potential,
typically 2–10 mV. An impedance spectrum is obtained by varying the frequency over a
wide range and most commonly expressing in the form of a Nyquist plot.24
If the applied sinusoidal potential E(t) = E0Sin(ωt), the response current I(t) =
I0Sin(ωt−ϕ), where E0 and I0 are the amplitudes of potential and current respectively and
ϕ is the phase angle difference between current and potential. Then the impedance of the
system is defined by eq 1.5:25
𝑍(𝑡) =

𝐸(𝑡)
𝐼(𝑡)

=

From Euler’s theorem:
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𝐸0 Sin(𝜔𝑡)

𝐼0 Sin(𝜔𝑡+𝜙)

Sin(𝜔𝑡)

= 𝑍0 Sin(𝜔𝑡+ 𝜙)

(1.5)

𝑍(𝜔) =

𝐸
𝐼

= |𝑍|𝑒 𝑗𝜙 = 𝑍0 (cos𝜙 + 𝑗sin𝜙) = 𝑍 ′ + 𝑗𝑍 "

(1.6)

where j = (−1)1/2, and 𝑍 ′ and 𝑍 " are real and imaginary impedance respectively.

EIS becomes handy mainly to study affinity-based biosensors, such as studying

antibody (Ab)–antigen (Ag) binding, on the electrode surface.26 The schematic diagram
of typical Ab–Ag interactions that can be studied through EIS is shown in Figure 1.4A
and the corresponding typical Nyquist plots in Figure 1.4B. The increase in real and
imaginary components of Nyquist plots is directly proportional to the concentration of the
analyte present in the electrode surface. Using nanostructured materials for impedancebased biosensor is advantageous because of increased electrode surface area, improved
electrical conductivity on sensing interface, and easy accessibility to the analyte.

Figure 1.4 Schematic illustrations of (A) sandwich type immunosensor and (B) color
corresponding Nyquist plots obtain from EIS. The Nyquist plots are color coded to show
a typical shift of the Nyquist plot after each binding event.
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1.3

Optical Biosensor
An optical biosensor is another commonly used biosensor technique for

biomolecules detection and analysis. The advantages of optical biosensors are that they
are immune to electromagnetic interference and can perform remote sensing and highthroughput detection.27 Optical biosensing can be performed either by labeling or without
labeling of biomolecules. Fluorescence labeling is the commonly used labeling technique
where either target molecules or bioreceptor molecules are labeled with fluorophores.28
The fluorescence-based detection is a very sensitive technique; however, fluorescent dyes
can interfere with the interaction of target molecules and bioreceptor. Besides this effect,
labeling of the molecules is laborious and precise location of fluorophores on each
molecule cannot usually be controlled, making it an unsuitable technique for many
quantitative analysis.27 To avoid this labeling problem, label-free detection can be
performed where the molecules can be detected in their natural form. This technique is
easy to perform, cheap, and quantitative analysis and kinetic measurement of the
interaction of molecules can also be performed. Optical biosensors are based on different
spectroscopic techniques, e.g., absorption, reflection, ellipsometry, fluorescence,
phosphorescence, propagating surface plasmon resonance, localized surface plasmon
resonance, Raman, surface enhanced Raman spectroscopy, refraction, and dispersion
spectrometry, which records different spectrochemical properties such as amplitude,
energy, polarization, decay time, and phase.18 One of the commonly measured properties
is phase. When electromagnetic radiation is exposed to the biomolecules, the phase of the
radiation is changed depending on the refractive index (RI) of the analyte. Surface
plasmon resonance-based spectroscopy is one of the techniques based on the change in
9

RI and hence to the phase. Two popular surface plasmon-based optical biosensor includes
propagating surface plasmon or surface plasmon polariton29 and localized surface
plasmon resonance spectroscopy30.
1.3.1

Surface plasmon polariton

Propagating surface plasmon or surface plasmon polariton (SPP) spectroscopybased biosensor is popular for studying the affinity-based interactions of the
biomolecules such as protein–protein interactions, label-free immunoassay, enzyme–
substrate interactions, DNA hybridization, diagnosis of virus induced diseases, and many
more.31
Surface plasmons present at metal–dielectric interfaces having dielectric constants
of opposite signs can be excited using light waves giving rise to surface plasmon
polariton. The propagation constant of a surface plasmon (βsp) at interface of metal–
dielectric can be expressed as32

𝛽sp =

𝜔

𝜀d 𝜀m

�
𝑐 𝜀

d +𝜀m

=

2𝜋
λ

𝜀d 𝜀m

�𝜀

d +𝜀m

(1.7)

where 𝜔 is the angular frequency, 𝑐 is the speed of light in vacuum, λ is wavelength of
light in vacuum, and 𝜀d (= 𝜀d ′ + 𝑖𝜀d ") and 𝜀m (= 𝜀m ′ + 𝜀m ") are dielectric functions of

the dielectric and metal, respectively. Also, 𝜀𝑑 ′ and 𝜀𝑑 " are real and imaginary part of 𝜀𝑑

whereas 𝜀m ′ and 𝜀m " are real and imaginary part of 𝜀m . The surface plasmon polariton

can be described by the above equation only when real part of 𝜀m is negative and 𝜀m <

−𝜀d which can be fulfilled by many metals like gold, silver and aluminum in the visible
and near IR regions of the spectrum.
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One of the common types of setup for excitation of surface plasmons is using the
Kretschmann configuration (Figure 1.5),33 where an incident light wave propagating
through a prism falls on the surface of the metal film at one face of the prism and is
totally internally reflected generating the evanescent wave which penetrates the thin
metal film. By controlling the angle of incidence, an evanescent wave which propagates
along the interface with the propagation constant can be coupled to surface plasmon
using the eq 1.8:32
2π
λ

𝑛p sin(𝜃) = 𝑅e (𝛽sp )

(1.8)

where θ denotes the angle of incidence, 𝑛p denotes the RI of the prism and 𝑅e denotes
real part of the complex number. When surface plasmon is excited, a small portion of
incident light energy is transferred to surface plasmon slightly decreasing the intensity of
the light wave.
In SPP, plasmons propagate along x and y axes at the metal–dielectric interface
and decay evanescently along the z-axis.30 Any interaction of the molecule of interest
with the propagating plasmon leads to a shift in plasmonic resonance condition. In other
words, any changes in RI at the surface of SPP supporting metal film changes the
propagation constant, which through the coupling condition, changes properties of the
light wave (e.g., angle of reflection, wavelength, intensity, and phase) and is expressed
under three different measurement modes: (1) angle resolved, (2) wavelength shift, or (3)
imaging.30 In SPP-based biosensors, the first step is to immobilize biorecognition
elements (bioreceptors) on the surface of a transducer film. When analyte molecules
present in solution bind to the bioreceptor molecules, RI near the metal–dielectric
interface increases, and can be measured optically. Any change in RI (∆𝑛) is directly
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proportional to surface concentration of the analyte molecule (𝛤in g cm−2) bound to
bioreceptor on transducer surface which can be explained by31

where

∆𝑛 =

d𝑛
d𝑐

d𝑛 𝛤
d𝑐 ℎ

(1.9)

denotes the increase in RI of the analyte molecules (typically 0.1–0.3 mL g−1)

and ℎ is the thickness of the transducer. SPP-based biosensing can be performed on one
of the following formats (1) direct detection (2) sandwich detection, (3) competitive

detection, and (4) inhibition detection depending on the binding property of the
bioreceptor and the size, concentration, and purity of the analyte.32 Figure 1.5 represents
the schematic diagram of a SPP immunosensor based on the direct detection format
wherein antibody (red Y shape) specific to the antigen (blue sphere) is first immobilized
on the sensor surface and then antigen is passed across the antibody. The output spectra
before and after capturing the antigen to sensor surface is represented by red and blue line
respectively.

Figure 1.5 Most frequently used setup (Kretschmann configuration) for a SPP-based
biosensor working as a immunosensor.
12

1.3.2

Localized surface plasmon resonance

When particles having size much smaller than the wavelength of incident light
(nanostructures) interact with the light wave, the plasmons present on the surface of
nanostructure start to oscillate locally around the nanostructure with the frequency called
localized surface plasmon resonance (LSPR) (Figure 1.6).30 LSPR-based biosensing is
relatively new, but is a powerful technique in the field of biosensing. Scientists are
exploring this technique because of its simplicity and possibility to be miniaturized,
decreasing the cost. This technique is very sensitive and supports label-free real-time
biosensing. Similar to SPP, LSPR-based biosensing also depends on the change in RI
with output data commonly represented by measuring wavelength or intensity shift.
LSPR-based biosensing, however, also depends on shape, size, and composition of the
material used as a transducer.34

Figure 1.6 Schematic diagram illustrating localized surface plasmon resonance.
The LSPR extinction spectrum (𝐸λ ) of the metal nanoparticles can be obtained by

deriving Maxwell’s equation.30, 35 The first such derivation was performed by Gustav Mie
for spherical particles in the early 20th century,
𝐸λ =

3�

18 𝜋 𝜀𝐴 2 𝑉
λ

[(𝜀

𝑟

𝜀𝑖
]
(λ)+𝜒𝜀𝐴 )2 + 𝜀𝑖 (λ)2

(1.10)

where V is the particle volume, χ is the shape factor (sphere = 2), εA is the external
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(medium) dielectric constant, εr is real metal dielectric constant, and εi is imaginary metal
dielectric constant. The value of χ can be analytically obtained for spheres and spheroids;
however, for more complex geometries numerical modeling, such as discrete dipole
approximation and finite-difference time-domain method, can be performed to get the
extinction spectra.
The change in maximum wavelength of extinction spectra (λmax) depends on
dielectric constant (ε) and hence to the RI (n) by ε = n2. Hence, change in RI is related to
the change in maximum wavelength by30
∆λmax = 𝑚∆𝑛[1 − exp(−2𝑑�𝑙 )]
𝑑

(1.11)

where 𝑚 is the bulk RI response, 𝑑 is the thickness of the adsorbate layer, and 𝑙𝑑 is

electromagnetic field decay length. This relation is used for sensing biomolecules using
LSPR-based technique.
There are three common approaches for the measurement of LSPR spectra (1)
transmission mode, (2) reflection mode, and (3) dark field light scattering mode.30
Depending on the transducer used, several methods can be applied. If the incident light
can transmit through the nanostructure surface, the transmission mode can be used, but if
light cannot be transmitted then a reflection-based mode should be used.30 Transmission
geometry shows wavelength as a maximum value in the extinction curve whereas the
reflected geometry shows the wavelength as a minimum value which can be inverted to
get a maximum value as in general extinction spectra. For the case of single nanoparticles
or a system with small sample area, the dark field light scattering mode comes in handy.36
Figure 1.7 shows the photograph of the typical setup used in our lab for sensing
biomolecules using reflection geometry. It consists of a light source attached to the fiber
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optic probe containing a bundle of seven optical fibers with six illumination fibers around
one readout fiber. The six illumination fibers guide the light toward the sample while
readout fiber collects the reflected light from the sample. The signal from readout fiber is
passed to spectrophotometer and finally to computer as LSPR spectra. Depending on the
experiment, a nanostructured transducer can be placed inside flow cell or outside while
adjusting the distance from the probe to the sample of around 4 mm.

Figure 1.7 Photographic image of setup of typical reflection based LSPR spectroscopy.
1.3.3

Thermal and Piezoelectric Biosensors

Thermal and piezoelectric biosensors are less commonly used biosensors
compared to electrochemical and optical biosensors. In thermal-based biosensors, when
biomolecules immobilized on the sensor’s surface come in contact with the analyte, a
certain amount of heat is produced or absorbed which is proportional to analyte
concentration.37 A calorimetry is one of the commonly used thermal-based biosensor.38
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Piezoelectric biosensors are based on the change in mass of the transducer before
and after the immobilization of analyte. A quartz crystal microbalance (QCM) is one of
the commonly used techniques where a piezoelectric crystal, most commonly a quartzcrystal coated with a gold electrode, is made to vibrate at a particular frequency.39
Depending on the increase in mass by interaction of the analyte to bioreceptor on surface,
the resonance frequency of quartz crystal changes, which can be measured electrically
and the amount of mass change can be determined.40

1.4

Nanostructured Transducers
The role of transducer is imperative for biosensor regardless of the technique

used. However, depending on technique different types of transducers are preferred. In
this dissertation, we will be mainly focusing on transducers suitable for electrochemical
and optical biosensor (surface plasmon based) while taking advantages of properties of
the nanostructured surface.
1.4.1

Nanostructures

Nanostructures are strongly bound groups of atoms (103 to 109) with a definite
shape having molecular weights 104 to 1010 daltons and at least one of the dimensions is 1
to 100 nm.41 They are of intense scientific interest due to their enhanced and novel
properties compared to bulk materials some of which include high surface area-tovolume ratio, reactivity, sensing capability and increased mechanical strength.42-43
Because of their unique properties, nanostructures have application in diverse fields,
including, but not limited to, biomedicine (drug delivery), energy (hydrogen storage,
solar cell, and battery), optics (sensors), and electronics (computer chips, information
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storage).44-45 However, different applications prefer nanostructures with different
morphologies. Therefore, there is a need to explore and understand more about
nanostructures to enhance their performance in various applications.
Nanostructures can be prepared in wide varieties of shapes. Nanotubes,
nanowires, nanoparticles, quantum dots, nanocages, nanorods, nanocrystallites,
nanocomposites, nanotriangles, nanopowders, nanorings, and nanostructured films are
some of the examples of nanostructures.46-48 The most popular mode for classifying these
nanostructures is according to the dimensions of the nanostructure that are not in a
nanometric size range (>100 nm). According to this classification, nanostructures are
classified into zero (0-D), one (1-D), two (2-D), and three (3-D) dimensions as shown in
Table 1.2.49 When all x, y, and z dimensions of nanostructure are in the nanoscale range,
it is classified as 0-D. If one dimension is not in the nanoscale range it is called 1-D, if
two dimensions are not in the nanoscale range, it is called 2-D and finally if none of the
dimensions are in the nanoscale range, but the material possesses the nanocrystalline
structure, it is called 3-D.
Common techniques for synthesizing nanostructures are wet chemical synthesis
(colloidal, sol–gel),46 vapor deposition (e.g., chemical and physical vapor deposition,
sputter deposition, laser ablation, electric arc deposition),50-51 mechanical (e.g., highenergy ball milling, melt mixing),52 and electrochemistry. Lithographic techniques (e.g.,
photolithography, electron beam lithography, nanosphere lithography) are one of other
commonly used template-based techniques combined with vapor deposition to synthesize
periodically controlled nanostructures.53-55 All of these techniques have their own
advantages and shortcomings. Techniques like electron beam lithography can precisely
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control the periodicity of the nanostructure, but it is time consuming, and the
instrumentation is complex, costlier and needs expertise for operation. On the other hand,
colloidal synthesis methods can synthesize a wide variety of nanostructures but give less
control over the periodicity, and aggregation is always a problem.
Table 1.2 Classification of nanostructures on the basis of dimensions
Dimensions

Nanoscale Dimension
All the three dimensions at nanoscale

0-D

e.g., nanoparticles
Two dimensions at nanoscale, L is not

1-D

e.g., nanorods, nanotubes
One dimension (t) at nanoscale, other two are not

2-D

e.g., thin nanofilms
All the three dimensions are not at nanoscale

3-D

e.g., nanocrystalline and nanocomposite materials

1.4.2

Nanostructures as transducers

Nanostructures of noble metals mainly gold and silver are intriguing to scientists
because they can strongly scatter and absorb the light because of large optical field
enhancements,56 conductivity, chemical and physical stability, biocompatibility, and
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capability to form self-assembled monolayers (SAMs) on the surface. All of these
properties are most of what is required for an ideal transducer of a biosensor.

1.5

Modification of Transducer Surface
One of the very first steps for any biosensor is to modify the transducer surface

with a suitable bioreceptor. This can be achieved by either chemically or physically
immobilizing or trapping the bioreceptor on the surface of the transducer.
1.5.1

Self-assembled monolayers (SAMs)

For chemically immobilizing biomolecules on the surface of the noble metals, we
can either modify the surface with organic monolayer films first or directly immobilize
on the surface by modifying the biomolecules themselves. This can be achieved using
either the Langmuir–Blodgett technique, where preassembled films at the air–water
interface are transferred to the nanostructured surface, or a self-assembly technique,
where molecules assemble themselves on the metal surface.57 Between these two
techniques, self-assembly is popular as it is easy to perform and results in stronger
chemisorption of an organic monolayer on a nanostructure surface in contrast to
physisorption by the Langmuir–Blodgett technique. Organic molecules with head-groups
like thiols, disulfides, and amines, and tail group having hydrophobic alkanes can easily
self-assemble on the surface of noble metal nanostructures reducing the surface free
energy of metals to form monolayer films, called self-assembled monolayers (SAMs).58
A schematic diagram of a SAM having terminal functional groups is shown in Figure
1.8. Different types of functional group can be attached to the terminal end of the
hydrophobic part depending on the nature of the study, through which further chemistry
19

can be performed. Thiol head-group-based SAMs are the most studied SAMs to date
because of strong thiol-gold bond formation.59
R-SH + Au0𝑛 → R-S-Au+∙Au0𝑛 + 1/2 H2

The most common method of preparing SAM is by immersing a metal substrate
into dilute (1–10 mM) ethanolic solution of thiols for overnight (12–17 h) in ambient
conditions.59 When thiol atoms come in contact with a clean metal surface, they start
forming monolayers instantly; however, the molecules reorganize themselves if the metal
surface is left in solution over a longer period, minimizing the defects.60 Alkyl chains of
SAMs arrange themselves in trans-conformation with nearly 20–30° tilt from normal to
the metal surface.61 However, studies have shown that overall arrangement and binding
of SAMs on the gold surface depend on a numbers of factors, including length of alkyl
chains, the nature and distance between terminal functional group, concentration and
purity of adsorbate, immersion time, and substrate morphology.59

Figure 1.8 Schematic depiction of an ideal SAM formed on a gold substrate.
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It has been found that SAMs formed by molecules with longer alkyl chains form
less defect compared to SAMs formed by shorter alkyl chain (fewer than 8 carbons).62
Mixed SAMs of two different adsorbates can be prepared to control the density of the
required molecule and is also useful if the required molecule’s own physical dimensions
would prevent forming a well-organized assembly.63-64 SAMs formed on the substrate
can also be removed from the substrate bringing the substrate back to original condition.
Different mechanical and chemical treatment can be performed to remove the SAMs
from substrate, including thermal desorption, ion sputtering, plasma oxidation, photooxidation, electrochemical reduction, use of chemical oxidants or reductants such as
strong acids and bases.59,

65

Scanning probe microscopy (SPM) techniques, such as

scanning tunneling microscopy (STM) and atomic force microscopy (AFM), are the
commonly used techniques for determining the arrangement of SAMs and defects on the
substrate. Thickness of the SAMs can be determined using ellipsometry and AFM
techniques and the composition and functionality can be determined using IR
spectroscopy, SERS, XPS, and XRD. Other techniques used for characterizing SAMs
include electrochemical techniques (CV, EIS, and SWV) and surface plasmon resonance
spectroscopy.59 SAMs have application in diverse disciplines, including biosensors,
nanotechnology, biomolecular electronics, biomimetics, and as corrosion inhibitions.
1.5.2

Protein immobilization

Proteins are biological macromolecules which have an imperative role in living
organisms, including regulating metabolic process, transporting and storing essential
molecules, generating energy, and defending from foreign substances.66-67 Analyzing
proteins in vitro and studying their interactions with other biomolecules will not only
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help to understand the mechanism of interactions, but also help in many other important
fields, including diagnosis, drug discovery, proteomics, quality control, and
environmental monitoring.68 One of the methods for using proteins for in vitro analysis is
by immobilizing them on appropriate substrate surfaces such as clean glass, silicon
plates, and metal surfaces. There are wide varieties of methods for immobilizing proteins
on the substrate, but selection of the most appropriate method depends on types of
substrate, properties of proteins and nature of the study.69 When immobilizing proteins,
certain things should be taken into consideration such as the possibility of denaturation,
change of conformation with loss in activity, low density on the surface, nonspecific
protein adsorption, and aggregation.70 In general, protein immobilization can be
categorized into physical, covalent, and bioaffinity immobilization.71

Figure 1.9 Schematic diagram of protein immobilization techniques.
1.5.2.1 Physical immobilization
Depending on the nature of protein and substrate, protein can adsorb physically
on the substrate surface via interaction by one or more intermolecular forces such as
hydrophobic, electrostatic (ionic), van der Waals, or hydrogen-bonding interactions
(Figure 1.9).72 This method is simple and no other activity decreasing chemicals are
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needed. However, proteins immobilized by this method are weakly attached to the
surface, heterogeneous, and can orient themselves randomly. Furthermore, it is difficult
to control the density of protein on the surface and reproducibility is always a problem.
1.5.2.2 Covalent immobilization
To overcome the disadvantages of physical immobilization techniques, covalent
immobilization can be applied. Proteins immobilized by this method are more stable
under buffer condition. The first step of covalent immobilization is to form selfassembled monolayers with appropriate terminal functional groups.73 The choice of
functional group depends on which functional group of the protein is targeted for
coupling. Commonly available functional groups on the surface of proteins are –NH2, –
COOH, –SH, and –OH present in the amino acids Lys, Asp and Glu, Cys, and Thr and
Ser, respectively.71 If the –NH2 functional groups of the protein are targeted, the terminal
group of SAMs should be carboxylic acid or aldehyde so that cross coupling between
functional groups can be performed, immobilizing the protein. Similarly, for –COOH, –
SH, and –OH the terminal groups of SAMs can be an amine, maleimide, and epoxide,
respectively. While covalently immobilizing the protein, there is always the chance that
analyte binding sites may be affected because of chemical modification of proteins.74
Choosing the appropriate chemistry, however, helps to avoid or at least minimize the loss
in protein activity.
Targeting the amine groups of the lysines present in proteins is one of the most
common approaches to covalently immobilize protein.75 In this method, a SAM of
desired alkane chain length with terminal –COOH groups is immobilized on a suitable
substrate. The next step, then, is to activate the carboxyl group which can be achieved by
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using

1-ethyl-3-(3-dimethylaminopropyl)carbodiimide

hydrochloride

(EDC)/N-

hydroxysuccinimide (NHS) chemistry.76 A detailed mechanism of EDC/NHS for
coupling reaction of –COOH and –NH2 groups is shown in Figure 1.10. When EDC
reacts with the carboxyl group, it forms an amine-reactive intermediate, an O-acylisourea.
The intermediate formed by this reaction, however, is relatively unstable and susceptible
to hydrolysis by regeneration of the carboxyl group and is therefore not useful in the twostep conjugation procedures without stabilization. The use of NHS allows the conversion
of the O-acylisourea intermediate into a relatively stable but amine reactive NHS-ester.
Finally, protein immobilization occurs through displacement of NHS groups by –NH2
group present on lysine residues of the protein. It is worth noting that the factors that
govern the stability and efficiency of NHS-ester cross-linking with the amine group on
the protein include the ionic strength of a buffer, pH, concentration, and the ratio of
EDC/NHS.70

Figure 1.10 Covalent protein immobilization mechanisms via EDC/NHS coupling
Using covalent methods, proteins can be strongly bound to the surface with
minimum loss of activity; however, sites and orientation of immobilized molecules
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cannot be predicted appropriately.71 If the experiment needs to know these conditions,
bioaffinity methods of immobilization can be used.
1.5.2.3 Bioaffinity immobilization
The first step of the bioaffinity immobilization method is to immobilize protein or
molecule which works as bioreceptor through a physical or covalent immobilization
process, which is then followed by specific binding of other proteins (analyte) to the
bioreceptor (Figure 1.9). This process results in a specific orientation of protein that can
be predicted from that of the binding sites of the bioreceptor molecules. The capturing of
a bioreceptor specific analyte from complex mixtures, such as blood and cell extract, is
also possible.77 The binding, however, is weaker compared to covalent immobilization
but stronger than physical immobilization. Another advantage of this method is that the
analyte can be detached from bioreceptor by changing pH, temperature, and passing
competitively strongly binding molecules, generating a fresh bioreceptor on the surface.77
Some of the commonly used bioaffinity-based immobilization approaches includes:
antibody–antigen,78 lectin–carbohydrate,79 and strept(avidin)–biotin interactions80.
Antibody–antigen.
Antibody (Ab) or immunoglobulin (Ig) is a special type of protein which
specifically recognizes and destroys foreign substances (antigens), such as bacteria and
viruses, if found inside the body.81 The basic structure of typical antibodies comprises of
two identical large heavy chains and two identical small light chains, giving a Y shaped
structure for a monomer.82 The arm fragments of the Y shape contain the antigen binding
sites and hence are given the name Fab (antibody binding fragments) whereas the base
fragments of Y is called Fc (crystallizable fragment) as this part can be easily
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crystallized. The Fab region further comprises of constant and variable domain for both
heavy and light chains.83 If the antibody can be immobilized at the Fc region, the antigen
can easily be captured at the Fab region.
There are five different isotypes of immunoglobulin, IgA, IgD, IgE, IgG, and
IgM, among which, IgG is most abundant and plays an important role against invading
pathogens.81 Detecting the certain type of antigen or excessive production of other types
of antigen using biosensors helps to predict the type of disease or abnormality present in
the body. One of such examples include, detecting tumor markers from the bodily fluid
for the early prediction of cancer.84
Carbohydrate–lectin.
Lectins are another special type of protein, which have the ability to bind specific
types of carbohydrate.85 Therefore, lectins can also specifically bind to glycoproteins,
bacteria and virus by targeting their carbohydrate moieties.86 For immobilizing lectin or
glycoprotein using this method, one of these proteins is first covalently immobilized on
the substrate and then target protein can be specifically immobilized. Direct interaction of
protein free carbohydrate with lectin can also be studied e.g., mannose to Concanavalin A
(Con A)87 and galactose to peanut agglutinin (PNA)88.
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CHAPTER 2 MATERIALS AND METHODS
2.1

Materials
Gold wire of 0.2 mm diameter (99.99%) was obtained from Electron Microscopy

Sciences (Fort Washington, PA). Silicon wafer (3” N<100>, 1–10 ohm–cm, 356–406 μm
thick) prime grade was purchased from Nova Electronic Materials, LLC (Flower Mound,
TX). Fisherbrand plain microscope slides 25 mm × 75 mm × 1 mm were purchased from
Fisher Scientific (Fairlawn, NJ). Sulfuric acid and 30% hydrogen peroxide required to
prepare piranha were also purchased from Fisher Scientific. Methanol (HPLC grade),
ethanol (HPLC grade), glycerol, potassium dicyanoaurate(I) (K[Au(CN)2]) (99.98%),
Potassium dicyanoargentate(I) (K[Ag(CN)2]) (99.96%), 11-mercaptoundecanoic acid
(MUA), and N-hydroxysuccinimide (NHS) were purchased from Sigma–Aldrich, Inc.
(Milwaukee, WI). Epoxy (EPO–TEK 377) was purchased from Epoxy Technology
(Billerica, MA). Sodium carbonate anhydrous, sodium acetate, calcium chloride
dihydrate, manganese(II) chloride tetrahydrate, potassium nitrate and methyl α-Dmannopyranoside (>99%) were obtained from Sigma–Aldrich, Inc. (Allentown, PA).
Bovine serum albumin (BSA), concanavalin A (Con A), transferrin, immunoglobulin G
(IgG) from rabbit serum, fetuin and asialofetuin (type I) from fetal calf serum, soybean
agglutinin, tris(hydroxymethyl) aminomethane (Tris) buffer , Phosphate buffer saline (pH
7.4) and N-(3-dimethylaminopropyl)-N′-ethylcarbodiimide hydrochloride were purchased
from Sigma–Aldrich, Inc. (Saint Louis, MO). Carcinoembryonic antigen (CEA) and
prostate specific antigen (PSA) were purchased from Fitzgerald (North Acton, MA).
Alkaline phosphatase labeling kits were purchased from Dojindo Molecular Technologies
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Inc. (Rockville, Maryland). p-Aminophenyl phosphate (p-APP) was obtained from Gold
Biochem (St. Louis, MO). Thiolated mannoside (8-mercaptooctyl-α-D-mannopyranoside
(αMan-C8-SH)) and thiolated triethylene glycol (2-(2-(2-mercaptoethoxy)ethoxy)ethanol
(TEG-SH)) were synthesized in Prof. Demchenko’s lab as reported previously.1 Milli-Q
water (18.2 MΩ cm) and ethanol (HPLC grade) were used to prepare aqueous solution
and self-assembled monolayers forming solutions, respectively.

2.2

Preparation of Nanoporous Gold (NPG)
NPG was prepared as a coating on gold wire or as a thin film on a flat gold

surface depending on the experiment conducted.
2.2.1

Preparation of NPG on gold wire

NPG-coated gold wire was prepared by first electrochemically depositing gold
and silver on 5 mm long and 0.2 mm diameter gold wires to form an alloy.2 Threeelectrode cell consisting of platinum (Pt) as an auxiliary electrode, silver/silver chloride
(Ag/AgCl) as a reference electrode and gold wire as working electrode was used. The
electrolytes mixture consists of 250 mM sodium carbonate and 30:70% 50 mM
K[Au(CN)2] and 50 mM K[Ag(CN)2], respectively. The electrolyte solution was
deaerated by bubbling argon gas for 10 min and the deposition was performed at ambient
pressure and temperature. The time and potential of deposition were varied depending on
experiment. As-prepared alloy was dealloyed by immersing the alloy-coated gold wire in
concentrated nitric acid for 24 h, during which less noble silver metal was selectively
removed, giving porous structures, which was then rinsed with Milli-Q water and stored
in ethanol until further use.
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2.2.2

Preparation of NPG on flat gold plate

2.2.2.1 Preparing glass slides
Glass slides were cut to size of 12.5 mm × 10 mm × 1 mm. Cut glass slides were
cleaned using piranha solution (3:1, H2SO4:30% H2O2) for 45 min, (Warning: Because
of its oxidizing nature, piranha reacts violently with organic compounds, so care must be
taken while handling) rinsed with copious amount of Milli-Q water and stored in
methanol. The slides were dried in an oven at 125 °C for 30 min and cooled prior to use.
2.2.2.2 Flat gold preparation
Flat gold was prepared using a published method with some modifications.3 In
brief, a Hummer VI sputter coater (Anatech Ltd.) was used to sputter gold onto the
silicon wafer for 20 min, adjusting the current to 10 mA to get a thickness of about 200
nm. Then, one drop of thoroughly mixed two components of epoxy (EPO–TEK 377) was
used for attaching a clean glass slide to the gold sputtered silicon wafer. Multilayers of
silicon wafer-gold-epoxy-glass slides were cured at 150 °C for 2 h. After cooling, glass
slides were stripped off of the silicon wafer using a slight force with the help of tweezers
to expose a flat gold surface.
2.2.2.3 NPG on flat gold surface
An alloy of Au and Ag was formed on a flat gold surface similarly as on the
NPG-coated gold wire. However, dealloying was performed electrochemically in KNO3
solution by applying different potentials for different times.
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2.3

Electrochemical Annealing of Nanoporous Gold Wire
The NPG formed on gold wire was further electrochemically annealed to increase

the pore size or interligament gap while still keeping the surface area high. Three
different solutions, 0.1 M KCl, 0.1 M NaNO3, and 0.1 M NaClO4 were chosen and their
effects on annealing were studied. Cyclic potential sweeps of 30 or 50 oxidation–
reduction cycles at 100 mV s−1 from −0.4 V to +1.2 V with a 2 s hold at the positive end
and an 8 s hold at the negative end of each cycle was used. Total cycles were performed
in five-cycle increments while determining the surface area after every fifth cycle.
Finally, the annealed wires were cleaned and dried under nitrogen.

2.4

Preparation of Nanostructured Gold and Silver Films
Thin films of nanostructured gold (NGF) were prepared on a flat gold surface

(working electrode) from 50 mM aqueous solution of potassium dicyanoaurate(I)
containing 0.25 M sodium carbonate electrolyte by applying different potentials for
different period of times at room temperature.4 Similarly, nanostructured silver films
(NSF) were prepared from 50 mM aqueous solution of potassium dicyanoargentate(I)
containing 0.25 M sodium carbonate electrolyte on a flat gold surface.

2.5

Surface Modification with Organic and Biological Molecules
The nanostructured surfaces have been modified using different organic and

biological molecules. Different thiolated organic molecules having terminal functional
group were used to link the biomolecules to the nanostructured surface.
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2.5.1

Preparation of self-assembled monolayers (SAMs)

SAMs on a nanostructured surface were formed by directly immersing in 1 mM
ethanolic solution of two thiolated molecules. One of the two thiolated compounds had a
desired terminal functional group for further immobilization, whereas other was
compatible thiolated polyethylene glycol. Depending on the type of experiment,
nanostructured surface were left in thiolated solutions for either 2 h or overnight (17 h).
The resulting SAMs surface was rinsed with ethanol and dried under nitrogen flow.
2.5.2

Covalent immobilization of proteins on SAMs

For covalently immobilizing the proteins on SAMs functionalized nanostructured
surfaces, we have used either lipoic acid (LPA) or alkanethiols with different carbon
chain length having –COOH terminal groups. Once the SAMs were formed, the terminal
–COOH groups were activated by immersing the nanostructured substrate in 5 mM
EDC/NHS (1:1) solution (detailed mechanism is reported in section 1.6.2.2.). The
activated surfaces were allowed to react with different concentration of the desired
protein solutions for different periods depending on the nature of the study. The
immobilized proteins were washed with buffer before recording the data or used for
further steps.
2.5.3

Bioaffinity immobilization of proteins

For this type of immobilization, the SAMs formed should have a terminal
molecule that specifically binds to the desired proteins. We have studied the specific
interaction between mannose and Concanavalin A protein on both NPG and NGF
surfaces using different techniques.
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2.5.3.1 Mannose–Con A binding assay on NGF using LSPR spectroscopy
Mixed self-assembled monolayers (SAMs) of αMan-C8-SH and TEG-SH were
prepared on the surface of NGF by coadsorption from ethanol having total concentration
1 mM (molar ratio 1:3) for 2 h at room temperature. After coadsorption, NGF plate was
washed with ethanol, dried under nitrogen, and placed inside the flow cell. Tris buffer (10
mM, pH 7.4) containing NaCl (0.1 M), CaCl2 (1 mM) and MnCl2 (1 mM) was passed
through the flow cell followed by Con A and allowed to interact for 1 h, washed with the
buffer followed by water and dried under nitrogen flow before collecting LSPR spectra.
However, for the real-time interactions study all the spectra were collected in buffer.

2.6

Localized Surface Plasmon Resonance Spectroscopy
The LSPR spectra of NGF were acquired using reflection geometry. It consists of

a white light source (HL-2000 Tungsten Halogen Light, Ocean Optics), spectrometer
(Jaz, Ocean Optics) connected to a computer having SpectraSuite software (Ocean
Optics), a reflection probe (Ocean Optics) and a home-built flow cell. The reflection
probe consists of a bundle of seven optical fibers with six illumination fibers around one
read fiber. The nanostructured film modified glass slide was kept tightly inside the homebuilt flow cell which can hold a volume of 0.5 mL and has a quartz window for the light
to pass through. The distance between probe and sample was kept constant at
approximately 4 mm. The reflection spectra obtained were inverted using SigmaPlot 12.0
(Systat Software Inc.) and analyzed using OriginPro 8.5.0 SR1 (OriginLab Corporation).
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2.7

Electrochemical Characterization
All the electrochemical experiments were carried out using either a

potentiostat/galvanostat model 273A or PARSTAT 2273 (EG & G Princeton Applied
Research) operated by PowerSuite software and a three-electrode cell having Ag/AgCl
(KCl sat.) (0.22 V vs. SHE) as a reference electrode (CH Instruments Inc., Austin, TX)
and platinum wire (99.997% purity, 0.5 mm diameter) as a counter-electrode (Alfa Aesar,
Ward Hill, MA).
2.7.1

Cyclic voltammetry (CV)

CV was used to determine the surface area of nanostructured gold by the gold
oxide stripping method and to determine the electrochemically accessible surface area.
The gold oxide stripping experiment was performed using 7 mL of 0.5 M sulfuric acid
(H2SO4) as an electrolyte at a scan rate 100 mV s−1 and scanning the potential from 0 to
1.6 V and back to 0 V (vs. Ag/AgCl). The charge under the reduction peak of cyclic
voltammogram was integrated to obtain the surface area, using the reported conversion
factor 450 µC/cm2.5
Electrochemical accessible surface area of nanostructured gold was determined by
taking a CV in 10 mM potassium ferricyanide (K3[Fe(CN)6]). When anodic or cathodic
peak current of the cyclic voltammogram was plotted versus the square root of scan rate,
a straight line was obtained. The slope of the line was used in the Randles–Sevcik
equation to obtain the electrochemically accessible surface area, eq 3. CV was also
performed for checking the surface purity of regenerated NGF using 1 mM K3[Fe(CN)6]
in 0.1 M KCl by applying a potential scan from −0.2 to 0.6 V versus Ag/AgCl (KCl sat.).
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2.7.2

Electrochemical impedance spectroscopy (EIS)

EIS was performed in 5 mM K3[Fe(CN)6]/K4[Fe(CN)6] (1:1) redox probe
prepared in 10 mM phosphate buffer pH 7.4, frequency range 100 kHz to 0.1 Hz and bias
potential of 0.2 V. Zsimpwin 3.21 software (Princeton Applied Research, Oak Ridge,
TN) was used for data analysis.
2.7.3

Square wave voltammetry (SWV)

SWV measurements were carried out using a PARSTAT 2273 (Princeton Applied
Research, Oak Ridge, TN) and the PowerPULSE software. The optimal parameters for
the SWV were obtained by varying pulse width, pulse height, and step height used in the
square wave voltammetric analysis of a p-aminophenol (p-AP) standard solution (1 mM).
The best parameters determined for the square wave voltammetric measurement of the
oxidation of p-aminophenol were; pulse height 50 mV, pulse width 0.2 s, and step height
2 mV. The potential was scanned from 0.1 to 0.2 V at a rate of 5.0 mV s−1 in glycine
buffer (pH 9.0, 100 mM).6 SWV scans record the forward current (If), reverse current (Ir),
and the difference current (∆I) versus the applied potential. Error bars in the graphs
represent standard error of three measurements.

2.8

Scanning Electron Microscopy (SEM)
SEM imaging and energy-dispersive X-ray spectroscopy (EDX) were performed

using field emission scanning electron microscope (6320F, JEOL USA, Inc.). Imaging
was carried out at working distance of 8 mm at an accelerating voltage of 5 kV or 8 kV.
SEM images were analyzed using image processing software AnalySIS (Soft Imaging
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System GMbH (version 3) to measure interligament gap and ligament width of NPG as
well as any other nanostructured features.

2.9

Electrocatalytic oxidation of glucose on NPG wire
Electro-oxidation of α-D-(+)-glucose (Sigma-Aldrich), 5 mM in 0.1 M NaOH,

was performed using cyclic voltammetry at a scan rate of 100 mV s−1 between the
potential limits of −1.0 V and 0.8 V vs. Ag/AgCl reference electrode. Additional scans
were performed between the limits of −1.0 V and +0.2 V. Gold wire, NPG-coated gold
wire, and NPG-coated Au wire annealed by cycling in 0.1 M NaNO3 were used as
working electrodes. The solutions were degassed using nitrogen for 20 min before the
electrochemical measurements.
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CHAPTER 3 PREPARATION, MODIFICATION AND APPLICATION
OF NANOPOROUS GOLD
3.1

Introduction
Nanoporous gold (NPG) is a three-dimensional sponge like structure of gold1

having size of pores (interligament gaps) and ligaments width on the order of a few
nanometers to a few hundreds of nanometers.2 The SEM image of an NPG plate is shown
in Figure 3.1.

Figure 3.1 SEM image of an NPG plate prepared by dealloying commercially available
10K white gold in concentrated nitric acid for 48 h.
NPG is of much interest to scientists because of its high surface area-to-volume
ratio, ease of preparation and modification, biocompatibility, conductivity, chemical and
physical stability, and regenerative nature.3 Moreover, it has the ability to serve as a
support for stable self-assembled monolayers (SAMs) of organic molecules on its surface
because of strong thiol-gold bonding.4
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Because of these properties, NPG has applications in a wide variety of fields.
NPG has been used as a catalyst for oxidizing and reducing different gas and liquid
molecules. In one study, selective oxidative coupling of methanol was successfully
performed to yield methyl formate, which is an important precursor for formic acid,
formamide, and dimethyl formamide synthesis.5 There are numbers of other examples
where NPG was used as a catalyst, some of them include, carbon monoxide oxidation at
low temperature,6 reduction of oxygen to hydrogen peroxide first and then to water,7
aerobic oxidation of D-glucose to D-gluconic acid8 and organosilane oxidation with
water9. NPG has also been used as a surface-chemistry-driven actuator converting
chemical energy directly into a mechanical response.10 Protein immobilization,4,

11

sensing, 12-14 and most recently plasmonics15-17 are the other fields where the use of NPG
can be found (Figure 3.2).

Figure 3.2 Cartoon showing applications of NPG in different fields.
Because of the wide variety of applications of NPG, more research needed to be
performed, and better ways to synthesize and control the pores and ligaments of NPG
have to be explored. Two common methods of preparation of NPG are wet chemical
methods and electrochemical methods. In both of these methods, the very first step is to
prepare or obtain an appropriate alloy of gold with other less noble metal(s). Finally, the
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less noble metal or metals in an alloy is selectively dissolved by either putting the alloy in
a corrosive environment (e.g., acids) or by applying an electrochemical potential
(Figures 3.3 and 3.4).18-19 If the dealloying is performed by applying a potential, it is
called electrochemical dealloying and if done without a potential, chemical dealloying.
The shape and size of the interligament gaps and ligaments width of NPG formed depend
on several factors, including compositional ratio, type of alloy,20-22 electrodeposition
potential, corrosive environment, dealloying time,23 dealloying temperature,24 and
dealloying potential. Once NPG is formed, the width of interligament gaps and ligaments
can still be further tuned by annealing at different temperatures for different times25 or
electrochemically by applying cyclic potential sweep for different number of cycles in
different electrolyte solutions. The advantages of the electrochemical fabrication method
of metal nanostructures over other techniques are that structures can be formed without
the need of templates, surfactants or any other stabilizers that can introduce
heterogeneous impurity. In this chapter, we have (a) explored the effects of various
dependable parameters in electrochemical fabrication of nanoporous gold (b) modified
already formed NPG by electrochemical annealing to increase the pores or interligament
gaps size, and (c) used NPG as a substrate to study interactions of biomolecules, mainly
carbohydrate–protein interactions.

Figure 3.3 Schematic diagram of wet chemical method of preparing NPG.
45

Figure 3.4 Schematic of electrochemical method of preparing NPG on a gold wire.

3.2

Results and Discussion
3.2.1

Fabrication of NPG on gold wire

NPG-coated gold wires have been prepared electrochemically in our lab
previously for the detection of the free prostate specific antigen.26 However, the detailed
morphological changes of NPG-coated gold wires while changing different variables
were still to be explored. By studying the effects of variables, the optimal conditions for
preparing NPG with desired pores and ligaments size can be obtained, for applying it in
different fields of research.
3.2.1.1 Effects of potential
NPG-coated gold wires prepared at different deposition potential, compositional
ratio of gold and silver, and deposition time were compared. Figure 3.5 shows the cyclic
voltammograms of NPG-coated gold wires prepared at −1.0, −1.2 and −1.4 V deposition
potentials for 10 min from electrolyte mixtures consisting of 250 mM sodium carbonate
and 30:70% 50 mM K[Au(CN)2] and 50 mM K[Ag(CN)2], respectively, followed by
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dealloying in concentrated nitric acid for 24 h. We have found that when the potential
was changed from −1.0 to −1.2 V the surface area of the NPG-coated gold wire increased
from 12 ± 2 to 16 ± 2 cm2. This is because of an increase in total amount of mass
deposited on gold wire by increasing amount of current flowing in the solution. However,
the NPG-coated gold wire prepared at −1.4 V was fragile and surface area was found to
vary significantly because of visually evident loss of NPG structures.

Figure 3.5 Cyclic voltammograms of NPG-coated gold wires prepared by applying
different deposition potentials.
SEM images of NPG-coated gold wires prepared by applying different deposition
potentials are shown in Figure 3.6. It has been found that the surface morphology
changes drastically with a change in potential of +0.2 V. We have found that morphology
of the NPG-coated gold wire prepared at −1.0 V is smoother compared to structures
formed at −1.2 V and −1.4 V. We have also found that at −1.2 V, globular structures
were formed and at −1.4 V, dendritic structures were formed. The reason for the physical
instability of the structures formed at −1.4 V is obvious from the SEM images. As can be
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seen in the images, the structures formed at −1.4 V are taller and thinner making it more
susceptible to breakage by even the gentle force of water while cleaning.

Figure 3.6 Low-magnification SEM images of NPG-coated gold wires prepared at (A)
−1.0 V, (B) −1.2 V and (C) −1.6 V for 10 min showing change in morphological features
with changing potential. Scale bar: 5 µm. (A’), (B’) and (C’) are the low-magnification
cross sectional of (A), (B) and (C), respectively, showing change in thickness. Scale bar:
20 µm.
The composition of the NPG-coated gold wire before and after dealloying is
determined by EDX spectroscopy (Figure 3.7). Before dealloying, a significant portion
of silver is present in an alloy represented by peak at 2.98 keV (L-Shell), which
disappears after dealloying showing only the characteristics peaks of gold at 2.12 keV
(M-shell) and 9.7 keV (L-Shell).
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Figure 3.7 EDX elemental analysis of an NPG-coated gold wire shows only the presence
gold after dealloying.
From the above data, we can infer that deposition at −1.4 V is not suitable
condition for making NPG on gold wire to be used as an electrode or a substrate for
biomolecule immobilization. Deposition at −1.0 and −1.2 V are physically stable with
−1.2 V deposition having a globular structure and higher surface area. In the experiments
where a smooth morphology is preferred, a −1.0 V deposition condition can be a better
option.
3.2.1.2 Effects of compositional ratio and deposition time
Figure 3.8A shows cyclic voltammograms of NPG-coated gold wires prepared
using different compositional ratio of gold and silver. We have found that NPG-coated
gold wires prepared from alloy of Au30Ag70 forms higher surface area compared to
NPG prepared by other compositional ratios, Au20Ag80, Au40Ag60, and Au50Ag50.
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Figure 3.8 CV of NPG-coated gold wires prepared at different (A) ratio of Au and Ag
solution for 10 min and (B) deposition time with Au30Ag70 ratio, deposition potential =
−1.2 V.
Figure 3.8B shows CVs of NPG-coated gold wire prepared at deposition time 5,
7, 10, and 20 min. We have found that surface area increases with increase in time, which
must be due to an increase in thickness and can be seen in cross-sectional SEM images
(Figure 3.9). It can be seen that an NPG-coated gold wire prepared at −1.0 V for 10 min
is 75 nm thick (Figure 3.9A), thinner than the one prepared at −1.0 V for 20 min, which
is 150 nm thick (Figure 3.9A’). However, NPG-coated gold wires prepared by using a
deposition time of 20 min at −1.2 and −1.4 V were found to be physically unstable. In
fact, it has been found that the NPG prepared at −1.4 V for 5 min or more is fragile and
can easily peel off of gold wire. Physically stable NPG at −1.4 V can be formed by
applying the potential only up to 4 min or less, SEM images of which are shown in
Figure 3.9B and B’ for 1 min and 4 min, respectively.
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Figure 3.9 Increase in thickness of NPG-coated gold wires with the deposition time. (A)
10 min and (Aʹ) 20 min at deposition potential −1.0 V, and (B) 1 min and (Bʹ) 4 min at
−1.4 V. Scale bar: 20 µm.
From these data, we can conclude that deposition at −1.0 V forms an alloy with a
smoother NPG morphology, compared to the morphology formed from the alloy prepared
at −1.2 V deposition potential which forms spherical structures. NPG prepared under both
of these conditions are physically robust. However, structures formed from an alloy
deposited at −1.4 V are tree-like dendritic structures, but fragile. We have found that
NPG prepared from electrolyte solution of Au30Ag70 ratio gives a higher surface area.
The surface area also increases linearly with the increase in deposition time.
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Table 3.1 Surface area comparison of NPG-coated gold wires under different conditions.
Atomic
Ratio
Au:Ag

Deposition

Charge

Time (min)

(µC)

Surface

Atomic

Area

Ratio

2

(cm )

Surface

Deposition

Charge

Time (min)

(µC)

5

5562

12.37

7

6543

14.54

Au:Ag

Area
(cm2 )

5

2266

5.03

7

2988

6.64

10

4052

9.00

10

7234

16.07

5

4942

10.98

5

340.9

0.75

7

5511

12.24

7

359.4

0.79

10

7960

17.68

10

515.5

1.14

Bare Au wire

14.51

0.0322

20:80

30:70

3.2.2

40:60

50:50

Theoretically calculated surface
area of bare wire = 0.0317 cm2

Fabrication of NPG on flat gold

NPG prepared on gold wire is good as a working electrode for electrochemical
detection of biomolecules, however, it is not flat enough to be used as an optical sensor
since optical sensing technique like localized surface plasmon resonance spectroscopy
uses incident light beam with diameter around 4 mm. To address the problem, we made
thin films of NPG on a rectangular flat gold prepared on glass slide having dimensions 1
cm × 1.25 cm, so that we could use it as both an electrochemical and optical biosensor.
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The deposition potential for preparing the NPG films was choose to be −1.2 V from
Au30Ag70 solution as it has been found initially that under this condition a higher
surface area, rough but stable structure could be created. We chose a deposition time of 1
min so that a thin film prepared on flat gold surface is stable, and we explored the effects
of the dealloying potential and dealloying time on formation of NPG.
3.2.2.1 Effects of dealloying potential
Figure 3.10A–C shows the SEM images of NPG films prepared at +1.0, +1.2,
and +1.4 V dealloying potential in KNO3 for 1 min. We don’t see much difference just by
looking at images as comparable pores sizes can be seen in all the three images.
However, the diameter of pores are 7 ± 1.5, 9 ± 2, and 10 ± 2 nm for the structures
prepared at +1.0, 1.2, and +1.4 V dealloying potential, respectively. It was also found that
the structure formed at +1.0 V has fewer surface defects compared to the structures
formed at +1.2 V and +1.4 V dealloying potentials. When we took EDX spectra of the asprepared structures, the gold and silver composition ratio vary significantly, with the
structure prepared at +1.0 V having Au:Ag in the ratio of 46:54, +1.2 V having Au:Ag in
ratio of 76:24, and +1.4 V having Au:Ag in ratio of 80:20 (Figure 3.10A’–C’). This
shows that even though potential does not play much role in determining the size of
porous structure, it plays an important role in determining the compositional ratio of gold
and silver in the structure formed under these conditions.
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Figure 3.10 SEM images of electrochemically prepared NPG films after Au30Ag70
alloying at −1.2 V and dealloying at (A) +1.0 V, (B) +1.2 V, and (C) +1.4 V in KNO3 for
1 min. Scale bar: 200 nm. (A’), (B’) and (C’) are the corresponding EDX spectra showing
changing Au to Ag ratio with changing potential.
3.2.2.2 Effects of electrochemically dealloying time
The structures formed by changing different potentials for 1 min consistently
form the structures that have a higher content of silver. The next step we performed was
the change of the dealloying time while keeping the potential constant. For this
experiment, we kept the potential at +1.0 V and changed the dealloying time with the
increments of 1 min. The SEM images of the NPG films prepared at 1, 6, and 12 min are
shown in Figure 11A–C, whereas Figure 11D is an NPG plate prepared by nitric acid
dealloying for 48 h. It has been found that upon increasing the dealloying time, the width
of the ligament and diameter of pores increases linearly. The pore size of the NPG film
which was 7 ± 1.5 nm at 1 min changed to 39 ± 13 nm after 12 min of dealloying, and
has ligament width of 40 ± 14 nm. Looking at the standard deviation of the structures
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prepared at 1 and 12 min, it can also be inferred that with increasing dealloying time,
randomness in pore and ligament size increases.

Figure 3.11 (A–C) SEM images of NPG films prepared by electrochemical dealloying for
1 min, 6 min and 12 min, and (D) NPG plate prepared by nitric acid dealloying of
commercially available alloy plate for 48 h. Scale bar: 200 nm.
When we checked the EDX spectrum of the structure prepared at +1.0 V for 12
min, we found that there were still nearly 5% of silver left in the structure, which we
concluded is difficult to remove as we saw the same amount even after 30 min of
dealloying time. We also checked the reflection spectra of the structures formed. We
have found that all the structures formed show characteristic inverse reflectance peaks,
which doesn’t appear for flat gold plate. The spectrum red shifts in peak wavelength and
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becomes broader increasing the full width at half maxima with the increasing dealloying
time (Figure 3.12).

Figure 3.12 Reflection spectra of electrochemically prepared NPG films using a
dealloying potential of +1.0 V (vs. Ag/AgCl, satd. KCl) for different dealloying times.
3.2.2.3 Bulk refractive index sensitivity (RIS) of NPG films
The bulk RIS of the NPG films prepared on a flat gold surface was evaluated by
measuring reflection spectra from the NPG films in air, water, and organic solvents
(ethanol and toluene). The refractive indices of air, water, ethanol, and toluene are 1.00,
1.33, 1.36, and 1.495 respectively. The NPG films were found stable after the use of
organic solvents. With the increase in refractive index of the surrounding medium, a red
shift of the surface plasmon band and decrease in reflection intensity can be observed.
Unlike some of the previously reported experiments, where wavelength shows nearly
linear response but intensity is random with change in refractive index,27 the NPG films
show a nearly linear response in both wavelength and inverse reflectance with the change
in the refractive index of the surrounding medium (Figure 3.13). Since NPG films shown
linear response to both inverse reflectance and wavelength, it can be used as a LSPR
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transducer based on both parameters. Figure 3.13 is the representative bulk RIS test
performed for the NPG film prepared from alloy deposited at −1.2 V for 1 min followed
by applying a dealloying potential of +1.0 V for 1 min. The bulk RIS is found from slope
of peak wavelength versus refractive index and is 112 nm RIU−1.

Figure 3.13 Bulk RIS test of the NPG film prepared using alloying deposition potential of
−1.2 V for 1 min and dealloying potential of +1.0 V for 1 min. (A) LSPR spectra
obtained at different RI, 1, 1.33, 1.36, and 1.495 using air, water, ethanol, and toluene
respectively, represented by lines of different colors. (B) Plot of peak wavelength versus
RI showing linear dependence.
Comparison of bulk RIS of NPG films prepared under different conditions are
shown in Table 3.2. It can be seen that the NPG films prepared by using an alloy
deposition potential of −1.2 V and dealloying potential of +1.0 V give better sensitivity
compared to other preparation conditions. The reason for lower dealloying potentials
giving higher sensitivity should be because of presence of a higher amount of residual
silver in the NPG formed, as can see through EDX data (Figure 3.10A). It has been
found earlier that silver films can show better RIS compared to gold but are not very
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stable to open environment and can form an oxide layer. We have shown before that
structures formed at alloys deposited at lower potential have sharper features, so the RIS
is greater for structures prepared by deposition at −1.2 V compared to that prepared by
deposition at −1.0 V. However, structures of alloy formed at −1.4 are physically not very
stable. Even the stable structures formed don’t show better sensitivity which might be
because of easier removal of silver from the alloy formed upon dealloying.
Table 3.2 Comparison of RIS of NPG films formed on flat gold surface at 1 min of
deposition and dealloying time.
Deposition potential

Dealloying potential

Sensitivity ( nm/RIU)

+1.0 V

60

+1.2 V

51

+1.0 V

115

+1.2 V

80

+1.0 V

81

+1.2 V

32

−1.0 V

−1.2 V

−1.4 V

3.2.3

Post-modification of NPG-coated gold wire

The width of gaps and ligaments of NPG can not only be controlled while
preparing them but also can be controlled after NPG is already formed, called postmodification. Controlling the width of gaps and ligaments of NPG allows us to use them
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for immobilizing biomolecules of a wider variety of shape and size more efficiently. The
most common method of post-modification is thermal annealing and has been reported
previously.28 However, NPG can also be modified using acid treatment for an extended
period of time and electrochemical annealing, which we will be exploring in detail. The
underlying mechanism of annealing can be explained using surface diffusion of gold
atoms. The increase in surface diffusion of gold atoms leads to the growth in the ligament
size, eventually increasing the size of pores and interligament gaps.29
3.2.3.1 Acid treatment for extended period

Figure 3.14 SEM images of NPG plate prepared by dealloying for (A) 48 h and (B) 42
days showing change in width of gaps and ligaments. Scale bar: 500 nm.
Figure 3.14 is SEM images of NPG plate showing effect of acid treatment on
width of gaps and ligaments. Figure 3.14A is SEM image of NPG plate prepared by
dealloying the commercially available gold alloy for 48 h. The average interligament gap
and ligament width of the NPG plate formed are 27 ± 7 and 38 ± 8 nm respectively.
However, when the NPG plate is prepared by dealloying for 42 days both the average
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gaps and ligaments width increases linearly to 115 ± 32 and 160 ± 47 nm, (Figure
3.14B).
3.2.3.2 Electrochemical annealing of NPG-coated gold wire
Electrochemical annealing could be useful when thermal or acid treatment is not
possible or convenient. This technique also provides an additional tool for adjustment of
NPG pore size and surface area. Here, in this electrochemical method, once the NPG was
formed on gold wire, it was annealed using cyclic potential sweeps of 30 or 50 oxidation–
reduction cycles. Three different electrolyte solutions 0.1 M KCl or 0.1 M NaNO3 or 0.1
M NaClO4 were used and a potential was applied from −0.4 to +1.2 V using a 2 s hold at
the positive end and a 8 s hold at the negative end at 100 mV s−1. Total cycles were
performed with 5-cycles increments while recording the surface area after every 5-cycle.
Cycling in these electrolyte solutions leads to annealing of NPG as is evident
from the decrease in the peak current of cyclic voltammograms corresponding to gold
oxide reduction (Figure 3.15A–C). There are fewer space exchange reactions between
gold and oxygen, which occur when a monolayer of the oxide is formed or reduced. In
Figure 3.15D, the current versus potential sweeps are shown during the electrochemical
cycling process in 0.1 M KCl. The earlier scans (fifth scan), show features associated
with the presence of some residual silver, which is greatly diminished in later scans. The
surface area determined after every additional 5-cycles of annealing is shown in Figure
3.16 for NPG-coated gold wires annealed in these three electrolyte solutions. In order to
account for modest variations in the initial surface area of the three different NPG-coated
gold electrodes, the changes in area versus cycle number are shown as A/A0 for each trial
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where A0 is the initial NPG surface area for that trial. The value of A0 found for eight
trials was 21.0 ± 2.0 nm.
Comparisons between different electrolytes where anions serve as an adsorbate
can help determine the effect of an anion adsorption on the relative mobility of the
surface Au atoms.30 Nitrate and perchlorate are both oxyanions that are expected to be
physisorbed weakly through interaction of one or more oxygen atoms with the Au
surface. Their overall effect on surface area annealing after 50 electrochemical cycles as
indicated is found to be similar. These weakly adsorbed anions enhance the mobility of
the Au atoms and promote the increase in the pore sizes. The adsorption of anions in
solutions is expected to take place favorably at potentials above the potential of zero
charge (pzc). The pzc in 0.01 M HNO3 has been reported as near 0.0 V, with a higher
value near 0.23 V (vs. SCE) reported in 0.01 M NaClO4. We also performed experiments
wherein rather than cycling we let the electrodes sit at a positive potential of 0.4 V for 15
min to note any structural changes brought about on the electrodes. However, there was
no change as observed from the SEM images for the wires and we can safely conclude
that electrochemical cycling under the stated conditions induces changes in the NPG that
are not found on holding the electrodes at a fixed potential of 0.4 V.
Another solution used for annealing is 0.1 M KCl in which we see greater
annealing and most of the enhanced surface area due to NPG is eroded by 50 cycles.
Since NPG was seen to be essentially removed from the Au wire surface by 50 cycles, it
was decided to perform only 30 cycles during which we found the decrease in surface
area (67% reduction) was substantially larger than that seen for the 50 cycles performed
on the other two solutions (24% reduction in perchlorate and 24% reduction in nitrate).
61

Diaz et al. studied gold dissolution using different Au+/Au3+ ratios. They analyzed the
thermodynamics and kinetics of the current potential equation to conclude that AuCl4 was
formed at a potential more positive than 0.8 V (vs. SCE) and AuCl2 was formed at
potentials below 0.8 V (vs. SCE).31 Investigations have shown that strongly absorbed
chloride ions on Au(111) lead to an increase in gold surface diffusion with a reduction in
the anodic dissolution due to oxide layer formation in a solution which contained chloride
ions.32 The cycling performed in 0.1 M KCl solution for 30 cycles led to a greater
decrease in surface area than in the other solutions and we investigated the change in the
electrolyte solution (to a pale yellow) after cycling using UV–Vis spectroscopy. It was
found that 0.291 mg of gold was removed from the electrode surface and dissolved into
the solution as the gold chloride complex (AuCl4−). The ε for AuCl4− at λmax = 323 nm is
5800 1/(M cm)33 and an absorbance value of 0.9533 was recorded giving AuCl4
concentration of 0.164 mM in the solution in the electrochemical cell. We see a
substantial decrease in surface area on exposure of the NPG-coated gold wires to
electrochemical cycling in KCl solution. It can be postulated that in presence of chloride
in solution, there is rapid motion of the step edges and increased atomic mobility can be
argued due to bonding of the surface gold atoms to the adsorbate. This bonding can be
stronger than the neighboring gold atom bonding which shall in turn increase
substantially the mobility of the gold atoms thus increasing the pore sizes. However, the
Au surface in this case erodes due to formation of the soluble complex ion.
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Figure 3.15 Cyclic voltammograms used to determine gold surface area by oxide
formation and reduction for NPG annealed in: (A) 0.1 M NaClO4 and (B) 0.1 M NaNO3
for 50 oxidation–reduction cycles, shown after every 5 cycle, (C) similar CV scans
shown for annealing of NPG performed for 30 cycles in 0.1 M KCl, with data shown
after every fifth cycle. (D) The CV scans recorded during application of the 30 annealing
cycles in 0.1 M KCl. Scan rate = 100 mV s−1.
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Figure 3.16 Surface area reduction after annealing in different electrolyte solutions using
electrochemical cycling performed in 0.1 M NaClO4, 0.1 M NaNO3, and 0.1 M KCl. The
values of A0 are 21 ± 2 cm2. The error bars represent the standard deviations for 3
experiments in each case.
Surface morphology and pore size analysis.
Figure 3.17 shows the SEM images of NPG before and after annealing. It can be
seen that NPG is morphologically changed after the annealing cycles creating bigger
pores or interligament distances. Histograms in Figure 3.18 show how interligament gaps
and ligament widths are distributed in size. The average interligament gaps and ligament
width of NPG prepared using nitric acid are found to be 39 ± 10 and 37 ± 10 nm,
respectively (Figure 3.18A,A'). It should be noted that mean ligament widths and gaps of
as-prepared NPG are comparable. When NPG was annealed in KCl using 30 cycles,
interligament gaps and ligament widths are found to be 88 ± 26 and 55 ± 22 nm,
respectively (Figure 3.18B,B'). Similarly, the NPG annealed in NaNO3 has interligament
gaps and ligament widths 76 ± 32 and 54 ± 14 nm, respectively, while those of NaClO4
annealed NPG are 58 ± 15 and 49 ±12 nm, respectively (Figure 3.18D–E'). It is
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noteworthy that the NPG subjected to electrochemical annealing cycles, resulted in
smaller ligament widths than the interligament gaps. This is the novelty of this technique
as annealing performed using previously studied method creates structures having almost
similar ligament’s widths and gaps. From these results, it is also reasonable to conclude
that both these dimensional parameters and the difference between them could be made
even larger by increasing the number of cycles.

Figure 3.17 SEM images of NPG (A) unannealed (B-D) annealed, in KCl for 30 cycles,
in NaNO3 for 50 cycles and in NaClO4 for 50 cycles, respectively. Scale bars: 200 nm.
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Figure 3.18 Interligament gap (A–D) and ligament width (A’–D’) of nanoporous gold
before (A and A’) and after annealing under different solutions (B–D’).
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Accessible surface area to a diffusing redox probe.
The surface areas of the unannealed and annealed NPG-coated gold wire
electrodes accessible to a diffusing redox probe during cyclic voltammetry sweeps were
compared with those found for bare gold electrodes. These surface area values for NPG
were significantly lower than those determined by the gold oxide stripping method and
can be attributed to the relatively slow diffusion of the redox marker Fe(CN)63−/4− (10
mM) into NPG from the bulk electrolyte solution. Since the interconnected ligaments and
pores in the NPG create an irregular path we can assume that the diffusion of the redox
marker during the sweep is limited to the outer NPG regions and the currents associated
with its oxidation and reduction are not representative of the total NPG surface area.
Depletion of the concentration of redox marker deeper inside the NPG structure which
cannot be replenished by diffusion during the sweep should significantly limit the
maximum currents observed even at the slowest scan rates used. In comparison, the gold
oxide stripping method gives a more accurate approximation of the NPG surface area
since the observed current is due to the oxidation and reduction of a monolayer of gold
atoms on the NPG surfaces. The surface area for annealed and unannealed NPG remains
higher than that of the bare gold wire which can be attributed to some extent to diffusion
of the Fe(CN)63−/4− into the NPG structure. The surface area was calculated using the
Randles–Sevcik equation34 where the anodic and cathodic peak currents were determined
for a range of scan rates ranging from 20 mV s−1 to 200 mV s−1. The plots of the cathodic
and anodic peak currents versus the square root of the scan rate is shown in Figure 3.19,
give an estimation of the electrochemically accessible surface area for NPG which is
much smaller than the surface area calculated by the gold oxide stripping peak. The
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surface area determined (≈0.36–0.37 cm2) is only about 11times the geometric surface
area of the exposed gold wire (0.032 cm2) compared to the surface area determined by
gold oxide stripping (21.0 ± 2.0 cm2, n = 8) which is about 650 times the geometric
surface area of the exposed gold wire.

Figure 3.19 (A) Cyclic voltammograms for the determination of electrochemically
accessible surface area, and (B,C) cathodic and anodic peak current versus the square
root of the scan rate of flat gold wire showing linear dependency. The scans were from
+0.6 to −0.2 V in 10 mM K3[Fe(CN)6].
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Table 3.3 Surface areas determined by both oxide stripping and use of a diffusing redox
probe for the NPG-coated gold wire, annealed NPG-coated gold wire, and bare gold wire
electrodes.
Method

NPG

Cathodic peak 0.37 ± 0.02

Annealed

Annealed

Annealed

in KCl

in NaNO3

in NaClO4

0.19 ± 0.03

0.23 ± 0.02

0.32 ± 0.04

0.036 ± 0.003

0.19 ± 0.03

0.22 ± 0.03

0.32 ± 0.05

0.0315 ± 0.0004

7±1

16 ± 1

16 ± 2

0.035 ± 0.001

Flat Gold wire

current (cm2)
Anodic

peak 0.36 ± 0.03

current (cm2)
21 ± 2

Oxide
stripping (cm2)

3.2.4

Application of NPG

The high surface area-to-volume ratio of NPG, in conjunction with its high
chemical and physical stability, ease of purification, and excellent conductivity makes
NPG very attractive for protein immobilization,35 and optical and electrochemical
biosensing applications.36-37 When the goal is to improve sensitivity and lower detection
limits, higher surface area electrodes are always preferred.
3.2.4.1 Protein immobilization
Immobilizing proteins on a substrate is a subject of interest to fields like
proteomics, drug development, molecule separation, diagnosis, quality control and
environmental monitoring.38-39 The most challenging part of the immobilization process
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is maintaining the functionality of the immobilized protein.40 To retain maximum
biological activity of proteins, different methods are being used depending on
physicochemical properties of the proteins used and the substrate onto which the proteins
are immobilized.41 Though the chemically immobilized method strongly binds the
proteins on the substrate and can also give the desired orientation, there is higher chances
of denaturating or destroying the functionality of proteins while doing the chemistry
between the foreign organic molecules with the molecules of the protein.42 Physical
immobilization methods on the other hand are relatively better if orientation of the
proteins molecules are not important in the experiment and binding between proteins and
substrate is stronger.43 Physical immobilization mainly occurs through ionic bonds and
hydrophobic and polar interactions.44 Our group has previously reported that nanoporous
gold is a better substrate for protein immobilization with minimum denaturation, and
protein can strongly bind to a gold surface.26, 45 In this part of the experiment, we have
analyzed the physically bound protein on NPG surface using SEM. For this, we dipped
half of the NPG wire into 20 μL of 1 mg mL−1 BSA solution for 5 min followed by airdrying. Figure 3.20 shows SEM micrograph of the NPG wire half dipped in 1 mg mL−1
BSA solution for 5 min. It can be seen that there is a distinct color contrast between the
BSA immobilized part (dark) and non-immobilized part (bright). The high-magnification
SEM image near the boundary of protein immobilized and non-immobilized region
clearly shows the protein moiety in the immobilized region. Low-magnification images
of cross-section and top view of protein immobilized region shows thin BSA layers on
NPG.
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When we immobilized BSA on flat gold wire, high-density packing of BSA was
observed compared to that in NPG surface (Figure 3.21). This type of close packing of
protein molecules may sterically block the active sites, hindering their functional
properties. We have found that when NPG on gold wire was dipped in 1 mg mL−1 BSA
solution, surface coverage of BSA molecule was high. Therefore, as a next step, we tried
to study how the concentration of proteins affects the surface coverage. For that, we
dipped NPG on gold wire in 10× and 100× diluted BSA solution i.e. 0.1 mg mL−1 and
0.01 mg mL−1. Figure 3.22 shows SEM images of NPG at the above-mentioned
concentrations. The surface coverage doesn’t look much different for 1 mg mL−1 and 0.1
mg mL−1, however, proteins immobilized from 0.01 mg mL−1 solution show lower
surface coverage. It can be inferred from the data that very high concentration of protein
solution may not be ideal for immobilizing protein in NPG as the protein might clog the
pores, hindering access of protein molecules to the internal parts of the NPG.
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Figure 3.20 SEM micrograph of NPG wire half dipped in 1 mg mL−1 BSA solution for 5
min (A) color contrast showing no protein immobilized (bright) and physically
immobilized BSA (dark). (B) High-magnification SEM image near the boundary of
protein immobilized and non-immobilized region. (C) and (D) are low-magnification
images of cross-section and top view of protein immobilized region showing BSA layers.
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Figure 3.21 High-magnification SEM images of (A) NPG not dipped in protein solution
and (B) and (C) NPG and flat gold wire, respectively, dipped in 1 mg mL−1 BSA
solution. Scale bar: 200 nm. (A') and (B') are SEM images corresponding to (A) and (B)
with scale bar 100 nm. Image with scale bar of 100 nm with better resolution cannot be
obtained for BSA on flat gold.
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Figure 3.22 SEM images of NPG after immobilization of different concentration of BSA
on surface for 5 min (A) 1 mg mL−1 (B) 0.1 mg mL−1, and (C) 0.01 mg mL−1. Scale bar:
200 nm. (A'), (B') and (C') are the corresponding images of (A), (B) and (C) with scale
bar: 100 nm.
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3.2.4.2 Optical biosensing using localized surface plasmon resonance
Since the NPG film prepared from alloy deposited at −1.2 V deposition followed
by dealloying at +1.0 V shows higher bulk refractive index sensitivity, it was chosen for
the biosensing experiments. The initial LSPR spectra of four different NPG films
prepared from the same solution bath is shown in Figure 3.23A. It can be observed that
all the spectra have same peak wavelength at around 469 nm. However, inverse reflection
intensity varies significantly between the samples, and has been reported by other groups
showing that even changing beam position within the same sample changes intensity.46-47
Therefore, in intensity-based biosensing, the same sample should be used throughout the
experiment to obtain comparable data. For wavelength-based biosensing on the other
hand, either the same sample or different samples, if required, can be used to compare the
data owing to the reproducibility of the peak wavelength position. Figure 3.23B shows a
label-free sensing of bovine serum albumin (BSA) on an NPG surface modified with
lipoic acid (LPA) SAMs whose terminal –COOH group was activated using EDC/NHS
coupling. The initial LSPR peak wavelength of NPG was found at 469 nm which red shift
to 475 nm on immobilizing the LPA for 2 h. The –COOH group of LPA was activated
using EDC/NHS coupling reaction for 10 min and on passing BSA solution through the
activated LPA SAM, the final peak wavelength was found at 500 nm, confirming the
immobilization of BSA. These data show that, NPG surface is sensitive enough to detect
the small SAM to bigger protein molecules, using localized surface plasmon resonance
spectroscopy.
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Figure 3.23 (A) Comparison of initial LSPR peak positions of different NPG samples
prepared under the same conditions from the same solution bath. (B) LSPR spectra of
LPA functionalized NPG (red) and after interaction with BSA (blue) clearly showing red
shift in peak wavelength and increase in intensity of 1/reflection.
3.2.4.3 Electrochemical bioassay using square wave voltammetry
Electrochemical assays are attractive for researchers as they are not affected by
the turbidity of the solution or background absorbance, involve relatively simple
instrumentation, and potentially can be miniaturized.48 Square wave voltammetry (SWV)
is one of the preferred electrochemical techniques for detection of low concentration of
the sample, as this technique minimizes the non-Faradaic current due to electric double
layer charging which tends to increase with an increase in surface area of the electrode.3
Here, we used SWV to explore the possibilities for developing enzyme-linked
lectinsorbent assays (ELLA) on an NPG wire. We report the application of an NPG wire
for development of electrochemical ELLA, in both kinetic and competitive formats, using
SWV. Figure 3.24 summarizes the essential aspects of the electrode modifications used
for lectin–enzyme glycoprotein immobilization.
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Figure 3.24 The schematic diagram of the electrode modification steps used to perform
bioassays on an NPG wire. The NPG was first modified with LPA SAMs onto which
either glycoprotein or lectin–enzyme conjugate was immobilized, and finally different
types of assays were performed.
A wide variety of biologically significant glycoproteins, which are studied as
biomarkers for various diseases, were selected for this study. The proteins included for
the experiments are transferrin (TSF), immunoglobulin G (IgG), fetuin (FET),
asialofetuin (ASF), carcinoembryonic antigen (CEA), and prostate specific antigen
(PSA).
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Square wave voltammetry (SWV) assay on gold wire versus NPG-coated gold wire.
We have performed a comparative study between gold wire and NPG-coated gold
wire for the potential application in electrochemical ELLA using SWV. For this, LPA
SAMs were first prepared on both surfaces, followed by activating the terminal –COOH
group using EDC/NHS chemistry, and then immobilization of the Con A–ALP conjugate.
SWV studies were performed by incubating these modified electrodes in 1 mM p-APP in
glycine buffer (pH 9.0, 100 mM) for 2 min prior to recording the SWV sweep. Figure
3.25 shows the square wave voltammograms of the Con A–ALP conjugate modified
electrodes. When the modified electrodes were incubated in 1 mM p-APP, the gold wire
shows no significant peak current, whereas a significant peak current was observed for
the modified NPG-coated gold wire electrode. This observation shows the increased
sensitivity of the higher surface area NPG-coated gold wire electrode compared to that of
the gold wire electrode alone for use in an electrochemical assay using the immobilized
enzyme–lectin conjugate. The SAMs of LPA allows easy immobilization of the conjugate
onto the NPG surface, and forms a relatively disordered SAM with a significant presence
of defects.45 These defects provide sites for the electrooxidation of the p-aminophenol
generated after the enzymatic reaction of alkaline phosphatase and p-APP substrate.
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Figure 3.25 Square-wave voltammograms of Con A–ALP conjugate immobilized on gold
wire and NPG using LPA SAMs. SWV were recorded with 1 mM p-APP in glycine
buffer (pH 9.0, 100 mM) after 2 min incubation with the substrate p-APP.
Effects of SAMs on SWV assay.
We have studied several other SAMs for possible application for better protein
immobilization and assay development. Figure 3.26 shows square wave voltammogram
of Con A–ALP conjugate immobilized onto different SAMs on NPG. SAMs of
mercaptododecanoic acid (MDDA), MDDA and mercaptooctanol (HS-C8-OH), and
MDDA and 3,6-dioxa-8-mercaptooctanol (HS-(CH2CH2O)2-CH2CH2OH) were studied.
Sweeps in the absence of p-APP are generally featureless but may show different
background current. Among the SAMs studied, the LPA resulted in higher peak current
due to oxidation of p-aminophenol to p-quinoneimine. The smaller peak currents
observed for other SAMs are due to difficulty for p-aminophenol molecule to access the
NPG surface to undergo electrooxidation. The SWV background current is also larger for
the less ordered LPA SAM, possibly due to its higher monolayer capacitance than for the
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better-ordered MDDA containing SAMs. LPA was thus chosen as a suitable molecule for
SAM formation, as it allows for both protein immobilization and electrochemical
detection of the enzyme product.

Figure 3.26 Square wave voltammogram of NPG wire after immobilizing Con A–ALP
conjugates using different SAMs (1) LPA, (2) MDDA, (3) a 1:5 mixed SAM of MDDA
and mercaptooctanol (HO-C8-SH), and (4) a 1:5 mixed SAM of MDDA and 3,6-dioxa-8mercaptooctanol (PEG3-SH).
Surface coverage of different proteins on LPA SAM.
Total amount of protein immobilized on the NPG surface modified with LPA was
determined by depletion method using the BCA assay. A calibration plot was obtained
using known concentrations of Con A, and the amount of protein immobilized on NPG
surface was determined from the difference in amount of protein initially present in
solution and remaining in solution after immobilization onto the NPG surface. The
surface coverage of LPA on the NPG electrodes was estimated by reductive desorption of
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the SAMs in 0.5 M NaOH solution. The surface coverage for alkanethiol SAMs on flat
gold surfaces has been reported to be 7.6 × 10-10 mol cm−2 and for LPA it is 7.1 × 10-10
mol cm−2, which is equivalent to 3.5 × 10−10 mol cm−2 of LPA molecules, assuming two
thiol groups per LPA molecule. This indicated that the surface coverage of LPA on NPG
surface is approximately 70% and is thus less than a monolayer. It is also possible that for
some of the LPA molecules only one Au-thiolate bond has been formed.
The proteins (Con A–ALP conjugate, transferrin, IgG and CEA) were incubated
on NPG-coated gold wires modified with a LPA SAM whose terminal −COOH group
was activated by EDC/NHS chemistry for 17 h at 4 °C. The amount of protein remaining
in the incubation solution was then determined. The difference between the amount of
protein initially present in solution and the final amount left in solution gave the
estimated amount of protein immobilized onto the NPG wires. Table 3.4 represents the
amounts of these proteins immobilized on an NPG wire as determined from the BCA
assay. Given that the surface coverage of LPA is equivalent to 2.42 × 10−10 mol cm−2 and
that of Con A–ALP conjugate, transferrin, IgG, CEA, and PSA are 4.6 × 10−13, 7.1 ×
10−13, 4.7 × 10−13, 3.0 × 10−13, and 9.7 × 10−13 mol cm−2, respectively, one protein is
estimated to be attached to approximately 280–800 LPA molecules. This shows that the
conjugation of protein to the surface is dependent upon the type of protein, although
association is most probably by bonding to the most easily accessible lysine residues.
Transferrin is immobilized in larger amount compared to IgG and Con A–ALP conjugate.
It is evident from the data that small fractions of the LPA molecules are conjugated to the
much larger proteins. The area occupied by these proteins is subject to variability
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considering that they can occupy a range of orientations. Hence, any estimate of
fractional surface coverage is approximate in the absence of orientation information.
Table 3.4 Surface coverage of proteins on NPG.
Coverage

Molar mass

(µg cm2)a

(kDa)

Con A–ALP

0.080

TSF

Mol cm−2

Molecules cm−2

104 + 69b

4.6 × 10−13

2.8 × 10−11

0.057

80

7.1 × 10−13

4.3 × 10−11

IgG

0.075

160

4.7 × 10−13

2.6 × 10−11

CEA

0.054

180

3.0 × 10−13

1.0 × 10−11

Proteins

a. Surface coverage was determined by the BCA assay based on the solution depletion
studies. Amount of protein left in the incubation solution was subtracted from the amount
initially present in the solution to obtain amount immobilized on the NPG surface, wt.
represent protein immobilized in 10 NPG wires.
b. Calculation is based on the assumption of one ALP per Con A molecule.
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Michaelis–Menten kinetics of the Con A–ALP conjugates on NPG.
The activity of the Con A–alkaline phosphatase conjugate on the LPA SAM
modified NPG was measured to further study the suitability of the surface for conjugate
immobilization. We studied the ALP kinetic behavior on the NPG surface by dipping the
electrode in 0.01–1.0 mM p-APP solutions for 2 min. SWV peak current was found to be
increasing linearly with the increase in substrate concentration, finally reaching a plateau,
consistent with Michaelis–Menten kinetic behavior (Figure 3.27). The peak current of
the SWV measurement is related to the initial reaction rate and hence to the reaction
kinetics. The Km value was determined by fitting the data to the Michaelis–Menten
equation, and was found to be 200 µM. This value was of interest because most enzyme
electrodes are operated near Km values.49 The SWV sweeps resulted in a prominent peak
for the oxidation of p-aminophenol in this concentration range. The oxidation of p-AP to
p-quinoneimine occurs near a potential 0.0 V (vs. Ag/AgCl) on NPG. The surfaces of
NPG are found more electroactive than relatively smooth gold surfaces because of
defects, curvature, and roughness of the surface. The lower oxidation potential observed
for p-AP in this study compared to the oxidation potential of p-AP on relatively flat gold
surfaces reported before might be because of nanostructures of NPG.50
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Figure 3.27 Peak current vs. p-APP concentrations of the Con A–ALP conjugate
immobilized on LPA fitted to the Michaelis–Menten equation.
Enzyme-linked lectinsorbent assay on NPG.
The kinetics of enzyme-linked lectinsorbent assays are based on the difference in
the rate of enzymatic reaction of ALP conjugated to Con A, before and after glycoprotein
binding to the Con A. Thus, we chose a substrate concentration 200 µM for the kinetic
assay, a concentration that falls in the pseudo-linear range. The presence of a large
glycoprotein molecule bound to the lectin close to the ALP causes steric hindrance for the
access of the p-APP substrate to the active site of ALP. The binding of the glycoprotein
will reduce the initial rate of enzymatic conversion of p-APP to the oxidizable paminophenol product. The enzyme reaction rate was assumed proportional to the peak
current of the square wave voltammogram. The difference in SWV peak current before
and after incubation is the response variable for the assay. The concentration of p-APP of
200 µM is close to the Km value and p-APP concentrations less than 100 µM did not
produce current peaks of sufficient magnitude in the SWV scans. For the kinetic assay,
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the incubation time of proteins is important, so a study was performed by varying the
incubation time with the glycoprotein and the conjugate immobilized NPG. Saturation of
the peak current was reached within 1 h and thus 2 h was chosen for the incubation time
to be sure peak current saturation was reached. Enzyme kinetics and hence the rate of
conversion of substrate to product depends on the access of the substrate to the active site
of the enzyme. When relatively large and bulky molecules bind to the lectin conjugated
to the enzyme, access of the substrate to the active site is hindered and results in a
decrease in activity and hence a decrease in initial velocity of the reaction.51

Figure 3.28 Kinetic ELLA response on NPG. Different concentrations of (A) IgG and (B)
transferrin were incubated for 2 h in PBS (pH 7.4) with Con A–ALP conjugate
immobilized on LPA modified NPG and the difference in peak current before and after
incubation was plotted to obtain the response plot.
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When glycoprotein binds to Con A–ALP conjugate, access of the p-APP to the
enzyme active site is hindered and results in a decrease in the reaction velocity. Figure
3.28A,B shows the binding isotherms determined for the binding of IgG and transferrin,
respectively, to the immobilized Con A–ALP conjugate. As expected, there is decrease in
enzymatic activity with an increase in concentration of glycoprotein, which is observed in
terms of the increased difference in peak current. The binding affinity of Con A to IgG
was found to be Kd = 105 nM, and that of Con A to transferrin was found to be Kd = 650
nM.
The binding affinity of Con A to glycoprotein depends upon the glycan structure
and multivalent interactions. Binding affinity of Con A to multivalent mannose units has
found to be higher compared to similar monovalent units in the glycoconjugates.52 Thus,
the overall affinity of a glycoprotein–lectin interaction depends on the mannose linkage,
whether it is biantennary or triantennary, as well as the numbers and spacing of terminal
mannose units, which can possibly lead to multivalent binding, increasing the affinity.
Two other proteins asialofetuin and fetuin were also studied for the kinetic assay but
these proteins did not produce any significant change in the peak current. This we believe
is because of the relatively lower binding affinity and especially the smaller sizes of these
proteins (45–55 kDa) compared to IgG (≈160 kDa) or transferrin (≈80 kDa). The kinetic
assay described based on lectin–enzyme conjugates is thus expected to be more
responsive for large-size glycoproteins. Based on the average of the standard deviations
(σ) for the determinations at each protein concentration, a detection limit based on 3 × σ
would be a difference of 0.50 on the y-axis for the IgG data representing a detection limit
of 0.02 µM. A similar consideration for the transferrin data (3 × σ = 0.63) gives a
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detection limit of 0.14 µM. The response in each case is non-linear, with the range over
which transferrin can be detected before the response approaches saturation being wider
(≈3–4 µM than that over which IgG can be detected ≈1 µM). The level of transferrin in
human serum typically falls between 2–3 g L−1 (2.5–3.8 µM).53 Thus, detection of variant
glycoforms of transferrin of lower concentration seems at least worth considering using
electrochemical ELLA provided the transferrin fraction can be isolated and comparison
with other methods such as mass spectrometry made.
SWV detection of lectin–enzyme conjugate binding to immobilized glycoproteins.
The glycoproteins transferrin (TSF), immunoglobulin G (IgG), fetuin (FET),
asialofetuin (ASF), carcinoembryonic antigen (CEA), and prostate specific antigen (PSA)
were covalently immobilized onto the LPA SAMs on the NPG surface by EDC/NHS
coupling. Bovine serum albumin (BSA) and LPA modified NPG were used as negative
controls. These protein-modified wires after incubation with the Con A–ALP conjugate
were incubated in p-APP and then SWV was performed. Figure 3.29 shows a bar plot of
peak current of the SWVs for the different glycoproteins. The maximum peak currents
from Con A–ALP was obtained for TSF, IgG, CEA, and PSA, because of presence of
large number of mannose unit within these glycoprotein, and the smallest peak currents
were observed with fetuin and asialofetuin. On the other hand, BSA and the un-activated
LPA SAM showed very small peak currents. The very small response from the LPA
SAM indicates that the Con A–ALP conjugate does not strongly adsorb non-specifically
on this surface. Significant amount of peak currents were observed with the bare NPG
incubated with the Con A–ALP conjugate due to the non-specific adsorption of protein
on the gold surface. A thiolated α-mannoside modified NPG was also used for the study
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but an almost negligible signal was obtained using either the pure thiolated α-mannoside
or 1:5 mixed SAM of the thiolated α-mannoside and 3,6-dioxa-8-mercaptooctanol. This
could be because of the oxidation of the p-AP product was significantly blocked by the
SAMs. It is hypothesized based on these results that an NPG array format with use of a
larger number of lectin–ALP conjugates each responding differently to an immobilized
glycoprotein could be used as a method of electrochemical profiling of glycosylation.

Figure 3.29 Bar plot for SWV response due to Con A–ALP conjugate binding to different
glycoproteins on NPG. Glycoproteins were immobilized on NPG and incubated with 50
µg mL−1 conjugate for 24 h and then incubated with 1 mM p-APP for 2 min.
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3.2.4.4 Glucose oxidation
Oxidation of glucose has been examined extensively for the development of better
blood glucose sensors and biological fuel cells.54 The most commonly used oxidation
methods include microbe-assisted oxidation, enzyme-assisted oxidation, and direct
oxidation at the electrode surface.55 Glucose oxidase (GOx)-based glucose sensing is the
most commonly used technique, since the discovery of glucose biosensor in 1962 by
Clark and Lyons.56-57 However, the main challenges for the enzyme-based glucose
sensors are long-term stability of the enzyme and reagents used,58 and regeneration of the
strips. To overcome these problems research has been performed where glucose can be
electrochemically oxidized without the need of enzymes.55, 59 Here, we show the similar
direct glucose oxidation technique using nanoporous gold wire (NPG) as an electrode and
report the advantages of NPG electrode over the flat gold wire (FGW) electrode and
previously reported nanostructured electrode in literatures.
Figure 3.30 represents cyclic voltammograms of FGW and NPG in 0.1 M NaOH
solution (black) and 5 mM glucose in 0.1M M NaOH solution. In the absence of glucose,
during the anodic scan, gold oxide layer start forming on the gold surface at nearly 0.2 V
evident by the increase in anodic current in both FGW and NPG. On the negative scan
back, we can see increase in cathodic current starting at nearly 0.2 V proving the removal
of the oxide layer. In the presence of glucose, during the anodic scan an anodic peak
current has been found at around −0.5 V, +0.2, and +0.4 for FGW. The first peak current
at −0.5 V is because of oxidation of glucose to gluconolactone (two-electron oxidation
product) and the second peak current at +0.2 V is because of subsequent oxidation of
gluconolactone to oxalate (18-electron oxidation product). The third peak current at
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nearly +0.4 is because of gold oxide layer formation. It should be noted that second
oxidation and oxide layer formation process overlap near + 0.2 V. Therefore, the peak
obtained for the second oxidation is not only because of oxidation of gluconolactone but
also in part because of oxide layer formation. In NPG, during glucose oxidation, similar
two oxidation peaks are observed at nearly −0.7 V and −0.2 V (Figure 3.31) which is
negatively shifted by 0.2 V for the first oxidation and 0.4 V for the second oxidation.
Interestingly, in NPG this shift also separates the second oxidation peak from the peak
due to oxide layer formation. When scan is limited to 0.2 V, we have found no oxide
removal peak, shown by green curve in Figure 3.30 and 3.31.

Figure 3.30 CV of FGW and NPG in 0.1 M NaOH solution (black) and 5 mM glucose in
0.1M NaOH solution (red). Green CV of NPG represents scanning up to 0.2 V in 5 mM
glucose in 0.1M M NaOH solution. Scan rate: 100 mV s-1.
Figure 3.32 shows the cyclic voltammetry of FGW and NPG on glucose
oxidation at multiple scans. It can be seen that FGW electrodes does not give stable cv
and keep changing with addition of each scan until seven cycles are reached. In contrast,
in NPG the second scan is good enough to get a stable voltammogram. Separating the
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second oxidation peak from the oxide layer formation peak and providing the stable
voltammogram make NPG the optimal substrate for the oxidation of glucose, however,
its efficacy in a real sample is still to explore.

Figure 3.31 CV of NPG when scanned up to 0.2 V in 5 mM glucose in 0.1M M NaOH
solution at three subsequent scans. Scan rate: 100 mV s−1.

Figure 3.32 CV of FGW and NPG in 5 mM glucose in 0.1M NaOH solution under
multiscan (number of scans indicated). Scan rate: 100 mV s−1.
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3.3

Conclusions
We have prepared nanoporous gold on gold wire and flat gold under varieties of

conditions and characterized them to get most stable structure with high surface area
structures. We were able to prepare nanoporous gold electrochemically under neutral pH
at room temperature with controlled pore size. We were also successful in tuning the
pores (gaps) and ligament size of nanoporous gold by post-treating NPG in different
solvents with applying oxidation-reduction cycles. The resulting structures formed have
around twice the pores (gaps) of NPG with decrease in surface area by nearly 24%. The
interligament gaps and ligament width were also found different in size, unlike the
structures formed by other annealing techniques. Finally, NPG structures were used for
various applications, such as protein immobilization, localized surface plasmon
resonance-based sensing of proteins and their interactions with carbohydrates, SWVbased bioassay of carbohydrates–proteins interactions, and glucose oxidation.
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CHAPTER 4 FABRICATION OF NANOSTRUCTURED GOLD FILM
FOR THE STUDY OF BIOMOLECULAR INTERACTIONS
USING LSPR SPECTROSCOPY
4.1

Introduction
Localized surface plasmon resonance (LSPR) spectroscopy is the one of current

research fields that is gaining considerable attraction from researchers all around the
world.1-5 This is because it is a label free sensitive biosensing technique6 and bears great
potential to be miniaturized.7 However, the overall sensitivity of the LSPR spectroscopy
depends on transducer used. Nanostructures of the coinage metals copper8, silver9 and
gold10 are being actively studied as LSPR-based transducers. When nanostructures
having dimensions much smaller than the incident wavelength of light interacts with light
there will be collecting oscillation of the valance electrons locally around the
nanostructures called LSPR.11 LSPR depends on the composition, shape, size, and local
dielectric properties of the nanostructures opening the broader field of research for
fabricating sensitive nanostructures.12 It has been found that silver shows better LSPR
response compared to gold and copper, but it has the issue of oxidation and
biocompatibility; whereas, gold is very stable and biocompatible but is expensive.13
Nanostructures having different shapes like triangular, sphere, cube, rod etc. produce
different peak positions, full width at half maxima and hence different LSPR sensitivity.14
In general, nanostructures having sharp tips yield higher RI sensitivity.15 It has also been
found that increasing the size of nanoparticles red shifts the resonance peak position and
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increases the sensitivity; however, the peak becomes broader decreasing the figure of
merit (FOM) due to radiation damping.16-17
Common techniques for fabricating nanostructured transducer are immobilization
of nanoparticles on chemically modified substrate18-19, nanolithography e.g., nanosphere
lithography20-21 and electron-beam lithography22-23, and evaporation of thin layer of metal
on glass surface followed by annealing24. Although immobilized nanoparticles (e.g.,
nanorods, nanostar, nanoprisms, nanorice) show better LSPR response, there are some
drawbacks with regards to stability and reproducibility.25 In addition, aggregation of
nanoparticles is always a problem and nanoparticles may not be completely free from
stabilizer, used to avoid aggregation, which will directly affect the sensitivity
measurements and binding experiments.26 To avoid these limitations, nanolithography
technique has been developed where templates are used to fabricate different
nanostructures. One of the popular nanolithography techniques is nanosphere
lithography.27 In this method, polystyrene nanospheres of various diameters are used as
deposition masks on glass substrates. These nanospheres self-assemble in hexagonally
close-packed pattern on substrate, such that metals can be deposited in gap between the
nanospheres. The nanospheres can then be removed by sonicating the substrate in organic
solvents leaving behind the triangular or spherical nanostructures as periodical array.28-29
The popularity of this method is because it is cheaper, simpler, and do not require any
sophisticated instrumentation.30 However, there are possibilities of various types of
defects in this method as a result of nanospheres polydispersity, site randomness, point
defects, line defects, and polycrystalline domains.28 Furthermore, concentration of
nanospheres directly plays role in arrangement of nanospheres on substrate28 which
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means variety of structures may be formed within the same substrate if proper
concentration cannot be maintained. Other lithography techniques like electron beam
lithography can make nanostructures precisely without any defects;31 however, this
technique is expensive and requires more time and expertise to fabricate nanostructures.28
Evaporating a thin layer of metal on glass surface followed by an annealing technique is
also cheaper and simple;32 however, nanostructure polydispersity and limitation to
spherical shapes restricts this method from being method of choice for nanofabrication.
All of these examples show that more research needs to be performed in this field for
producing sensitive and stable nanostructures, so that LSPR spectroscopy would become
method of choice for bio/chemical sensing. Besides LSPR spectroscopy, nanostructured
transducer is also used in surface enhanced Raman spectroscopy (SERS),33 a very
sensitive analytical technique whose detection limit is in single molecular level,34-35
which once again emphasize the importance of research in nanostructure fabrication.
LSPR has been compared to traditional surface plasmon resonance (SPR),36 and is
found to be quite competitive on the basis of a number of features, especially cost. SPR
experiments are based upon propagating surface plasmons, often at the surface of a flat
gold film, whose thickness should be near 50 nm, and supported on a prism or
waveguide. Many of the SPR experiments reported use commercial Biacore instruments
along with supplied sensor chips. SPR can be performed in a variety of modes, the most
popular being measurement of the shift of the resonance angle with analyte binding to the
gold surface modified with some sort of recognition layer. Both SPR and LSPR can be
conducted in imaging mode. For SPR the element size must be approximately 10
microns, while for LSPR single supported nanoparticles and changes occurring on them
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can be imaged.37 For a basic LSPR measurement on an ensemble of nanostructures, by
either transmission or reflection geometry, the cost of instrumentation is a small fraction
(as little as 1/60th) of the cost of a commercial Biacore instrument, thus far adopted as a
standard by much of the life science community. Real-time detection is possible with
LSPR as it is with SPR. For LSPR experiments conducted in transmission mode,
extinction at a specific wavelength or resonant wavelength versus time can be followed,
while in reflection mode reflectivity at a chosen wavelength or resonant wavelength
versus time can be followed. As noted by Van Duyne group, the refractive index
sensitivity of LSPR is much lower than that of SPR; however, the plasmon for SPR (200–
300 nm), and hence a high level of sensitivity to molecular binding at the surface can still
be achieved. The lower bulk refractive index sensitivity of LSPR does provide an
advantage of simplicity in that close temperature control is less essential. Recent reviews
have covered the variety of nanostructures developed for use with LSPR.37-38
SPR has played a major role in probing many types of biomolecular interactions,
including protein–carbohydrate and lectin–glycoprotein binding. The applications of SPR
to study carbohydrate-binding interactions have been reviewed, and compared with other
analytical methods.39 The use of imaging SPR to study binding to carbohydrate arrays is
especially promising for screening carbohydrate–protein interactions.40-41 Approaches
based on coupling derivatized carbohydrates to activated SAMs, often in the presence of
a diluting species terminated in oligoethylene glycol units known to minimize nonspecific protein adsorption, have been pursued using Diels–Alder reactions,42 disulfidethiol exchange,43 and click chemistry44. Use of Biacore sensor chips pre-modified with a
carboxymethylated dextran gel to which amine derivative glycans can be bound after
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NHS activation has been reported.45 This widely used type of sensor chip has the
potential complication that the lectin Con A, for example, has an affinity for the dextran
component.46 Mixed SAMs of a carbohydrate component and diluting species have also
been prepared directly and studied using SPR.47 Efforts have been made to precisely
control the spacing between sugars using cyclic peptides presenting a specified number of
mannose units and to examine the influence of this on the multivalency and clustering
effects that can occur during lectin binding.48-49
The studies reported in which LSPR has been applied to studying protein binding
to a carbohydrate modified nanostructure have primarily been carried out in transmission
mode. In an early study, the results for studying a protein–carbohydrate interaction using
LSPR and SPR were directly compared.50 Mixed SAMs of a triethylene glycol terminated
disulfide and a maleimide terminated analog were formed on silver triangular nanoprisms
formed by nanosphere lithography on glass slides. Reaction of maleimide with a mannose
thiol derivative gave about 5% mannose coverage available for interaction with Con A.
Experiments were conducted in transmission mode, and both the peak wavelength and
the magnitude of its shift due to Con A binding were found to depend on the aspect ratio
of the nanoprisms. The modified Ag triangular nanoprisms were resistant to non-specific
protein binding and were suitable for following Con A binding in real-time by monitoring
the peak wavelength as a function of time, with comparable results for SPR found by
monitoring the resonance angle versus time using a Biacore instrument. The response
during the dissociation phase was markedly different for LSPR from SPR, and dependent
on the aspect ratio of the triangular nanoprisms which was found to influence the
plasmon decay length. Au nanoparticles supported on glass have been modified by
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polymer brushes with many pendant glucose residues and LSPR was used to determine a
binding constant from real-time analysis of 5.0 ± 0.2 × 105 M−1 noted as larger than that
for Con A binding to methyl α-D-glucopyranoside of 2.4 ± 0.1 × 103 M−1 in solution and
attributed to multipoint binding effects.51 The use of supported gold nanoparticles
modified with a polymer brush having pendant mannose units was applied to follow Con
A binding.52 An apparent association constant determined from analysis of real-time
association kinetics data 7.4 ± 0.1 × 106 M−1 greater than that for Con A to methyl α-Dmannopyranoside in solution 7.6 ± 0.2 × 103 M−1 is due to multipoint binding effects. Au
nanoparticles bound to glass modified by 3-aminopropyltrimethoxysilane were modified
by dodecanethiol SAMs into which a N-acetylglucosamine glycolipid was inserted, and
shift in the LSPR peak wavelength due to Con A binding was observed in transmission
mode in real-time for both association and dissociation.53 A recent study aimed at
optimizing supported Au nanoislands formed on glass by evaporation.54 Mixed SAMs
were formed of alkanethiol derivatives with a penta(ethylene glycol) segment terminated
in –OH, mannose, or galactose. The response to Con A binding in terms of peak
wavelength shift or shift in extinction at a fixed optimal wavelength was found to be
greatest for Au islands of average height 2.5 nm. The optimal combination of refractive
index sensitivity and plasmon decay length was required to obtain the maximum response
to Con A binding. Analysis of real-time binding kinetics data gave a value for Ka of 7.7 ×
106 M−1. Glyconanoparticles presenting different sugars have been shown to differentiate
between a set of 4 lectins using a pattern recognition approach.55
In this chapter, we demonstrate a facile electrochemical method for preparing
novel nanostructured gold film (NGF) which can be used as LSPR-based transducer. The
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NGF prepared by this method is robust and sensitive compared to gold nanostructures
films prepared by other methods. We will show how LSPR peak and RI sensitivity
change with changes in nanostructure’s shape and size which can be controlled by
changing different dependable parameters. We will also demonstrate how a bioassay can
be performed on NGF surface using LSPR spectroscopy by taking carbohydrate–lectin as
a model. The interaction between carbohydrate and lectin is chosen because this type of
interaction is predominant in many fundamental biological processes such as cellular
recognition, inflammation, signal transduction, cell adhesion, and cancer cell
metastasis.56-57 Concanavalin A (Con A), 104 kDa, originally obtained from jack bean,
Canavalia ensiformis, is used as a model lectin.58 It is a mannose specific lectin59 and
exists as tetramer above pH 7.0 and dimer below 6.0.60 Here, we will show the interaction
of Con A to thiolated mannoside (αMan-C8-SH) immobilized on NGF surface at pH 7.4.

4.2

Results and Discussions
4.2.1

Nanostructured gold film (NGF) Preparation

NGFs were prepared using one-step and two-step chronoamperometry (CA)
technique. When we used one-step CA by applying different potentials from −0.8 to −1.4
V with the increment of −0.2 V for 60 or 90 s, we found that films formed at −1.4 V are
not very stable and got easily peeled off of glass slides. However, the films formed at
−1.2 V or below are very stable with −1.2 V showing distinct LSPR peaks with reference
to flat gold surface with the film prepared at 60 s showing the sharper peak compared to
90 s. This is due to rough structures formed at −1.2 V compared to the structures formed
at lower potentials. However, bulk RI sensitivity of the structured formed at −1.2 V is
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very low. Therefore, we chose two-step CA with −1.2 V as the initial potential and
varying the second potential from −1.0 to −1.6 V for 30 s. The time for the second
potential is fixed to 30 s as the peak becomes broader with 60 s deposition decreasing
sensitivity of nanostructures. Figure 4.1A and B illustrates the detailed schematic
diagram of NGF preparation technique.

Figure 4.1 Schematic depiction of (A) nanostructured gold film fabrication steps (B)
electrochemical setup for nanostructured gold film fabrication and (C) optical setup for
localized surface plasmon resonance spectroscopy (reflection mode).
Figure 4.2A shows photographic images of gold sputtered silicon wafer
containing attached glass slides. Flat gold surface was obtained by stripping the glass
slide off the silicon wafer. Color comparison of gold surface before and after
electrodeposition is shown in Figure 4.2B. The difference in surface color before and
after the electrodeposition can be distinctly seen thorough unaided eyes. Flat gold has
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faint golden color, whereas after electrodeposition the NGF formed shows a darker
golden and slightly brownish color (Figure 4.2B).

Figure 4.2 Photographic images of (A) flat gold surface on glass slide before stripping off
of silicon wafer and (B) showing changes on gold surface before and after
electrodeposition.
The chronoamperometric curves obtained during preparation of nanostructured
films at different potentials are shown in Figure 4.3A. The chronoamperometric curves
show the general trend of increasing current with increasing potential and vice versa. The
corresponding extinction spectra of NGFs under N2 are shown in Figure 4.3B. We have
found that the peak wavelength of NGF prepared by depositing 90 s is around 520 nm
whereas the structure that was formed by depositing for 60 s has peak wavelength at
around 500 nm.
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Figure 4.3 (A) Chronoamperometric curves obtained during the preparation of NGFs by
applying different potentials and times (indicated). (B) LSPR spectrum of corresponding
NGFs recorded in a nitrogen environment.
The morphology of thin films changed drastically when we changed potential as
can be seen on SEM images (Figure 4.4). The NGF prepared at both −1.2 V for 60 and
90 s look almost similar and has randomly distributed different types of nanostructured
features with 90 s deposition has slightly bigger nanostructures (Figure 4.4A,B). The
nanostructures formed at second potential of −1.0 V for 30 s are also diverse but
relatively smaller (Figure 4C). Figure 4D,E represents images of NGFs prepared at −1.2
V for 60 s followed by −1.4 V for 30 s and −1.6 V for 30 s, respectively. We can see
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brick shaped nanostructure all over the surface having length of around 200 nm and width
of around 100 nm.

Figure 4.4 SEM images of NGFs prepared using (A,B) one-step chronoamperometry
technique, −1.2 V for 60 s and −1.2 V for 90 s, respectively and (C–E) two-step
chronoamperometry technique, −1.2 V for 60 s followed by −1.0 V for 30 s, −1.2 V for
60 s followed by −1.4 V for 30 s, and −1.2 V for 60 s followed by −1.6 V for 30 s,
respectively. Scale bar: 2 µm. Insets are the corresponding high-magnification SEM
images. Scale Bar: 0.2 µm.
4.2.2

Refractive index sensitivity (RIS) test

To check the bulk refractive index sensitivity of prepared NGFs we injected the
liquid having different RI, water (n = 1.33), 15% glycerol (n = 1.35), 30% glycerol (n =
1.37), 45% glycerol (n = 1.39), 60% glycerol (n = 1.41), and 75% glycerol (n = 1.43),
through the NGF surface inside flow cell and recorded the extinction spectrum. We have
found that the nanostructure prepared by two-step CA using potential −1.2 V for 60 s
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followed by −1.4 or −1.6 V for 30 s exhibit better red shift in the peak wavelength and
increase in extinction with the increase in RI. Figure 4.5 is the representative bulk RIS
test performed on NGF prepared using two steps (−1.2 V 60 s followed by −1.6 V 30 s)
and one step (−1.2 V 90 s) technique for comparison.
When we plotted the peak wavelength or inverse of reflectance versus the indices
of refraction, a linear dependence of wavelength and inverse of reflectance with RI can
be seen. The slope of line gives the bulk RIS value which is 100 ± 2 nm RIU−1 for NGF
prepared at −1.2 V 60 s followed by −1.6 V 30 s with FOM = 1.7 and 58 nm RIU−1 for
NGF prepared at −1.2 V 90 s with FOM = 0.8. Table 4.1 shows the sensitivity
comparison of NGFs prepared under different reported conditions. It has been found that
the structures prepared by applying the second potential higher than −1.2 V shows better
bulk RIS and figure of merit. Distinct nanostructured brick like feature having aspect
ratio of 2 and the inter-nanostructure gap should be the cause that this structure shows
better plasmonic response compared to other structures formed.61-62 When we increased
the second potential to −1.8 V, it caused peeling of gold film.
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Figure 4.5 (A) Bulk refractive index response of nanostructured gold films prepared
using electrodeposition conditions of −1.2 V for 60 s, and then −1.6 V for 30 s. LSPR
spectra obtained at different refractive indices (n) = 1, 1.33, 1.35, 1.37,1.39, 1.41, and
1.43 in nitrogen, water, 15, 30, 45, 60, and 75% glycerol, respectively. The nitrogen peak
is the lowest and the peaks move upward in the graph with increasing refractive index.
(B) Plot of peak wavelength versus refractive index for the spectra shown in (A). (C)
LSPR spectra showing the bulk RIS response at the same series of refractive index values
for nanostructured gold film prepared using electrodeposition at −1.2 V for 90 s. (D) Plot
of peak wavelength versus refractive index for the spectra shown in (C).
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Table 4.1 Sensitivity of NGF prepared under different conditions.
Bulk RIS
Conditions

Initial peak
FOM

(nm/RIU)

wavelength (nm)

−1.2 V 60 s

52 ± 4

0.9

499

−1.2 V 60 s, −1.0 V 30 s

58 ± 2

0.8

517

−1.2 V 90 s

58 ± 2

0.8

516

−1.2 V 60 s, −1.4 V 30 s

84 ± 2

1.4

518

−1.2 V 60 s, −1.6 V 30 s

100 ± 2

1.7

518

Higher bulk RIS and FOM have been reported previously for different shape and
size of nanostructures.15 Even if shape and size are similar, nanostructure made from
silver shows higher sensitivity compared to nanostructures made from gold.15 However, it
has also been found that nanostructures can show better sensitivity when their initial
LSPR peak falls toward higher wavelength.63 Therefore, the structures that show higher
RIS and FOM may be because their LSPR peak wavelength falls near the end of visible
or IR-region which hinders the possibility of miniaturizing the LSPR-based biosensor.
For making the spectra to shift within visible region even after immobilization of
biomolecules and obtaining spectra under inert gas or buffers, the initial LSPR peak
wavelength should be around 500 nm so that there is enough space for spectra to shift
within visible region. However, the RIS of the nanostructures that have initial LSPR peak
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position at around 500 nm is relatively low compared to the one that have initial LSPR
peak position at higher wavelength. For gold nanostructures having initial LSPR peak
wavelength of around 500 nm have reported value from 44 nm RIU−1 depending on
shape, size and composition.64 Relatively free nanoparticles have higher sensitivity
compared to films, but are difficult to handle and reproduce. They also create the problem
while using them as biosensors, as some stabilizing agents are always left to
nanoparticles to avoid aggregation.26 Therefore, NGF was prepared not only to overcome
the shortcomings of the free nanoparticles-based biosensor, but also to perform better
sensitivity within the visible region.
4.2.3

Biosensing

4.2.3.1 Carbohydrate–lectin interaction
Because LSPR extinction peak position depends on the change in refractive index
around the structures, we can apply this idea for studying biomolecules interactions.
When binding occurs on the surface of nanostructures, the RI around the surface of the
nanostructures increases compared to its initial RI, which red shifts the LSPR extinction
peak wavelength, and increases the intensity of the peak. This phenomenon can be used
to prepare a biosensor.
We have studied the interaction between mannose and Con A on the surface of
NGF to show its sensitivity, the schematic representation of which was shown in Figure
4.6. For this purpose, we made carbohydrate-based biosensor where NGFs prepared
under −1.2 V 60 s, −1.6 V 30 s was used as a transducer as it shows comparatively higher
sensitivity. Mixed SAMs of thiolated mannoside and TEG worked as immobilized
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bioreceptors whereas Con A was used as analyte to be detected. Mixed SAMs are formed
instead of single SAMs to control nonspecific interactions, decrease steric effects
between bioreceptor head group and to control the density of Con A.65-67

Figure 4.6 Schematic diagram of binding of Concanavalin A to thiolated mannoside
immobilized on NGF surface.
Figure 4.7A shows that the initial LSPR peak wavelength of NGF modified with
mixed SAM is at 521 nm, 2 nm red shifted from the unmodified NGF surface which was
initially at 519 nm in a nitrogen environment. When we immobilized Con A on the SAMs
modified NGF, by injecting 0.5 µM Con A inside the flow cell for 1 h and washed
thoroughly with buffer and water, the peak wavelength was found at 528 nm in a nitrogen
environment. For the control experiment, we perform the similar experiment by injecting
BSA through flow cell but no significant shift in either peak intensity or peak wavelength
was observer. We conclude this is due to lack of specific or non-specific interaction
between mannose and BSA.
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Figure 4.7 LSPR spectra of NGF, unmodified (black), modified with mixed SAMs of
αMan-C8-SH and TEG-SH prepared from 1:3 solution molar ratio (1 mM total
concentration in ethanol, 2 h (red) and after immobilization of 0.5 µM proteins for 1 h
(green) (A) Concanavalin A and (B) bovine serum albumin.
To further support the experiment, we performed the mannose–Con A interaction
study using electrochemical impedance spectroscopy (EIS). The Nyquist plot obtained
from EIS shows characteristic semicircle at the high-frequency region whose diameter
represents charge transfer resistance (Rct) and a straight line at the low-frequency region
representing diffusion process. The Nyquist plot of unmodified, SAMs modified and Con
A immobilized NGF is shown in Figure 4.8. The Nyquist plot for the unmodified NGF
gives a very small charge transfer resistance value (Rct = 10 Ω). A small semicircle in the
Nyquist plot at high frequencies has been reported previously for bare gold surface.
Values of Rct can only be directly compared if reported in units of Ω cm2 to account for
electrode surface area. The geometric surface area of our NGF used as an electrode that is
exposed to the solution is 1.0 cm2, and the roughness factor is estimated to be near 1.4 on
the basis of gold oxide stripping. Thus value of Rct for the bare NGF surface is estimated
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to be 14 Ω cm2 accounting for electrode area. This value can be compared with those of
24.4 Ω cm2 on bare Au(111), and 34 Ω cm2 (reported on a polished gold electrode of 1.6
mm diameter whose electroactive surface area was determined by application of the
Randles-Sevcik equation), and 35.2 Ω cm2 (reported on a bare gold electrode of 2 mm
diameter) using the electrode areas reported. On analyzing the mixed SAMs on NGF we
found a subsequent increase in the interfacial charge transfer resistance (Rct = 30 Ω)
which increases considerably after incubation with 0.5 μM Con A in buffer (Rct = 225 Ω)
indicating specific binding of Con A to mannose in the SAM.

Figure 4.8 Nyquist diagram (Z’ vs. Z’’) for Faradic impedance measurement of NGF in
10 mM PBS buffer pH 7.4 containing 5 mM K3[Fe(CN)6]/ K4[Fe(CN)6] (1:1 mixture),
unmodified (black), modified by mixed SAMs (red), and after Con A immobilization
(green). The impedance spectra were recorded within frequency range of 100 kHz to 0.1
Hz. Inset is equivalent circuit used to model impedance data. The panel on the right
shows an expanded view of the high-frequency data for the bare NGF and the SAMmodified NGF.
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Both LSPR and EIS data provided similar types of response for mannose Con A
binding; however, an advantage of LSPR over EIS is that it can be used to study binding
directly in situ in real time. Therefore, we performed real-time interaction study of
mannose and Con A on the surface of NGF. It is common practice that the real-time
interactions studies are performed using change in intensity of extinction peak.68 For this
purpose, we placed the mixed SAMs modified NGF in the flow cell and Tris buffer was
run through the flow cell. The intensity was recorded at constant wavelength of 557 nm.
This wavelength was chosen above the LSPR peak for the SAM modified NGF in buffer
(546 ± 2 nm) because as we immobilize the protein the change in both intensity and
wavelength occurs. If we had chosen the constant wavelength at peak intensity, the shift
after protein immobilization doesn’t properly represent the intensity shift of peak. This
has been explained before by Rubinstein group. For our experiment, we injected Con A
manually inside the flow cell filled with pure Tris buffer after recording the peak
intensity on buffer for 5 min. We can clearly see sharp increase in intensity with the time
which is because of increase in refractive of bulk solution and specific and nonspecific
binding between mannose and Con A at NGF surface (Figure 4.9). When we injected the
Tris buffer after 15 min of immobilization, we saw slight decrease in response which is
because of washing away of nonspecifically bound Con A on surface.
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Figure 4.9 (A) Plot of the inverse of the percent reflectance at the peak wavelength versus
bulk refractive index for the nanostructured gold film prepared at −1.2 V for 60 s
followed by −1.6 V for 30 s. (B) Real-time LSPR response of SAMs modified NGF on
injecting a series of concentrations of Con A. Flow cell was filled with buffer for first 5
min followed by manually injecting protein within 30 s, and washing after 20 min.
Real-time LSPR data have been used to determine values of association rate
constants (kon), dissociation rate constants (koff), and dissociation equilibrium constant
(Kd) using relaxation process.51-52, 54
𝐾on
[Con A]solution + [mannose]surface <===> [Con A–mannose]
𝐾off

[Con A–mannose](t) = [Con A–mannose](∞) [1−exp(−t/τ)

(4.1)
(4.2)

where t is time and τ is relaxation time on gathering the spectra before and after changing
refraction around the NGF surface.
Since change in the extinction is directly proportional to the surface concentration
of the Con A–mannose complex, eq 2 can be written as
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Δ(1/Reflection)(t) = Δ(1/Reflection) (∞) [1−exp(−t/τ)]

(4.3)

It has also been known
1/τ = kon[Con A ] + koff

(4.4)

When we plot 1/τ versus [Con A], the slope of the line gives kon and the intercept gives
koff. The dissociation equilibrium constant (Kd) can be obtained as, Kd = koff/kon.
Association rate constant of mannose to Con A (kon) was determined as 7.76 × 103 M−1
s−1 and dissociation rate constant (koff) as 2.0 × 10−3 s−1 giving the dissociation
equilibrium constant (Kd) of 257 nM (Figure 4.10 B). Values of kon 2.0 × 104 M−1 s−1 and
koff 2.6 × 10−3 s−1 corresponding to Kd 130 nM were reported for Con A interacting with
SAMs of a thiolated PEG linker terminated in a mannose unit, on 5 nm Au islands as
noted by Bellapadrona et al. A range of values of koff from 2.48 × 10−4 s−1 to 1.2 × 10−2
s−1 and kon from 5.2 × 103 M−1 s−1 to 1.4 × 105 M−1 s−1, corresponding to Kd values from
42 nM to 423 nM have been reported for the Con A–mannose interaction depending upon
measurement method, details of surface modification, and experimental conditions.54

Figure 4.10 (A) Con A binding kinetics curves obtained for different concentration of
Con A (indicated). The regression plots of the curves (cyan color) was obtained by fitting
the built-in equation for
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exponential rise to maxima to obatin values of 1/τ. (B)

Determination of the binding affinity of Con A to a mannose SAM by plotting 1/τ vs.
different concentration of Con A.
4.2.3.2 Detection of carcinoembryonic antigen (CEA) on NGF
Carcinoembryonic antigen (CEA) is a glycoprotein containing nearly 50%
carbohydrate with a molecular weight of approximately 200 kDa. This protein is highly
expressed in fetal stage of human development for the first 2 trimester of gestation
period. Adult human, however, have less than 2 ng/mL in the serum with heavy smokers
having slightly greater than 5 ng/mL. A person with cancer, however, has greater than10
ng/mL of CEA in serum. This makes CEA a good biomarker for early detection of
cancer. Early detection of the high level of CEA in serum can help identify the cancer in
the early stages, and hence make it easier to treat with less effort. CEA assays are costefficient, and helpful in detecting various cancers including colon cancer. There are
various optical and electrochemical screening methods for early diagnosis of cancer;
however, many methods have limits of detection (LOD) at nearly the diagnostic decision
value. This creates challenge for accurately evaluating the biomarkers whey slightly
changes in concentration happens in serum. A screening method which is easy to
perform, and require small sample size, short analysis time, and low cost are current
interest of research. LSPR bears the potential to be used as an efficient technique for
tumor biomarker detection. Figure 4.11 shows the schematic of the technique used for
the detection of CEA and Figure 4.12 shows the LSPR spectra generated during different
steps of the detection process. Figure 4.12A shows that the total shift in peak wavelength
on immobilizing 50 µg/mL Con A to EDC/NHS activated 11-mercaptoundecanoic acid is
17 nm in a nitrogen environment. When we passed 100 ng/mL CEA in phosphate buffer
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through nitrogen dried Con A, we repeatedly found that instead of CEA immobilizing to
Con A, CEA took Con A along with it on washing step, which is evident by LSPR peak
going back to the position of SAMs. To overcome this problem, instead of nitrogen
drying after Con A immobilization and taking reading, we directly immobilized CEA
first and then dried under nitrogen. LSPR peak shift from initial position after this
process is 23 nm which is 5 nm more than that after Con A immobilization (Figure
11.12B). We believe that this bigger shift is due to CEA immobilized to Con A through
mannose present in CEA.

Figure 4.11 Schematic diagram of the technique applied for the detection of CEA using
NGF.
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Figure 4.12 (A) LSPR spectra of NGF showing shift by 17 nm on covalent
immobilization of Con A on SAMs of 11-mercaptoundecanoic acid (MUA). (B) LSPR
spectra shift by 23 nm on interaction of CEA to Con A immobilized as in (A).
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4.2.3.3 Layer-by-layer study of molecules
In this part, we tried to demonstrate that NGF substrate can be used to study
multilayer interactions of the molecules using LSPR spectroscopy, and the molecules up
to about 10 nm away from NGF can be easily detected. NGF prepared using −1.2 V for
60 s followed by −1.6 V for 30 s was used to study this multilayer system of
biomolecules, as these conditions generate NGF having higher stability and sensitivity.
The LSPR spectra generated during different stages of multilayer formation are shown in
Figure 4.13. It can be observed that freshly prepared NGF show initial peak wavelength
at around 520 nm, which red shifts 2–3 nm on immobilizing SAM of
mercaptododecanoic acid (MDDA) on NGF surface. We activated terminal –COOH
group of the MDDA SAM using EDC/NHS chemistry for the immobilization of
poly(amido amine) ( PAMAM) generation 5 dendrimer having diameter 5.4 nm. The shift
in LSPR peak wavelength was found to be 4–4.5 nm after the immobilization of
PAMAM G5 dendrimer (5 wt/wt %) on SAM functionalized NGF. On further
immobilizing Con A on the dendrimer linking through the activated mannose, further
LSPR peak wavelength shift of 5–6 nm was observed.
4.2.4

Regeneration of NGF

Finally, we regenerated the NGF surface as this can reduce the cost of potential
use as a transducer for biosensor development. For that purpose, we dipped the
biomolecule functionalized NGF plate prepared at −1.2 V 60 s followed by –1.6 V 30 s,
inside freshly prepared piranha solution for 45 s and rinsed thoroughly with milli-Q
water. The NGF regenerated after this step was tested using different methods. Figure
4.14A compares LSPR spectra of freshly prepared unmodified NGF (black) and NGF
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Figure 4.13 LSPR spectra of multi-layer of biomolecules formed on NGF surface: LSPR
spectra of (black) blank NGF, (red) MDDA SAMs formed on NGF, (green) immobilized
PAMAM dendrimers-G5 on SAM, and (blue) immobilized mannose first formed on G5
followed by Con A on mannose . Spectra were obtained in a nitrogen environment.
obtained after the regeneration (blue). It has been found that the peak wavelength is same
for both spectra; however, there is always slight change in the intensity. We believe that
the change in intensity is due to slight change in surface position of NGF while loading it
back into flow cell after regeneration, and has been reported previously.69 We have also
performed cyclic voltammetry experiments to conform the complete removal of
biomolecules from the surface of NGF. Figure 4.14B shows the cyclic voltammograms
of freshly prepared unmodified NGF (black), NGF after SAM immobilization (red), NGF
after Con A immobilization (green) and NGF after regeneration (blue). It can be seen
clearly that unmodified NGF and NGF after regeneration have almost similar broad
anodic and cathodic peaks whereas SAM and Con A immobilized NGF do not show any
distinct anodic and cathodic peak due to blockage of charge transfer from the electrode
surface by the immobilized molecules. The SEM image of NGF after regeneration do not
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show any significant different from the freshly prepared NGF (Figure 4.14C). Finally,
we performed the refractive index sensitivity test on regenerated NGF and found no
difference compared to sensitivity of unmodified NGF.

Figure 4.14 Experiments performed to compare freshly prepared and regenerated NGF.
(A) LSPR spectra of freshly prepared NGF (black) and regenerated NGF (blue) in a N2
environment. (B) cyclic voltammograms of freshly prepared NGF (black), SAM
immobilized NGF (red), Con A immobilized NGF (green), and regenerated NGF (blue)
showing very less difference between regenerated and the freshly prepared NGF. (C)
SEM image of NGF after regeneration stepshowing no distinct difference than that of the
freshly prepared NGF.
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4.3

Conclusions
Here, we have prepared novel and sensitive nanostructured gold films using facile

electrochemical technique and used them as a transducer for LSPR-based spectroscopy.
We have found that the structure synthesized by two-step chronoamperometry technique
having first potential of −1.2 V for 60 s and second potential higher than −1.2 V for 30 s
can produce the sensitive nanostructure films, with reproducible RIS of up to100 nm
RIU−1. The NGFs formed have randomly arranged bricks like nanostructure having
length of about 200 nm and width of about 100 nm. As-prepared NGFs are easy to
handle, robust and chemically stable showing LSPR peak within the visible region
opening the great possibility for miniaturizing the LSPR related transducers.
We used the NGF prepared at −1.2 V for 30 s followed by −1.6 V for 30 s for
label-free detection of carbohydrate–protein interactions showing how LSPR peak shifts
with specific interaction of mannose and Con A while no shift in the peak was observed
for mannose and BSA interaction. This interaction was also demonstrated and conformed
using electrochemical impedance spectroscopy on the surface of NGF prepared under
similar conditions. We were also able to demonstrate that LSPR-based technique is good
to perform real-time bioassay, and different other types of interactions, including lectinglycoproteins

and

dendrimer-based

carbohydrate-lectin.

Finally,

biomolecules

immobilized NGF was easily regenerated to its original structure and hence the
sensitivity, supporting the cheaper alternative for biosensor’s transducer.
Improved plasmonics substrates not only support LSPR-based biosensor but can
also be used along with SERS technique for detecting small molecules and show
promising improvement in photovoltaic cells.
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CHAPTER 5 REFRACTIVE INDEX SENSITIVITY OF
NANOSTRUCTRED SILVER FILM, AND COMPARISON TO
GOLD NANOSTRUCTURES
5.1

Introduction
Nanostructures of noble metal (gold, silver, and copper) on interacting with the

electromagnetic radiation produces localized surface plasmon resonance (LSPR).1 This
process results in an enhancement of light scattering giving rise to surface plasmon
resonance band. For the nanostructure of noble metals, this resonance band falls in visible
or near-IR region, creating the possibilities to obtain them simply through UV–Vis setups
using transmission or reflection geometry.1 Therefore, there is a possibility that highthroughput, cheaper, and miniaturized biosensing optical device can be made by using
these nanostructures of noble metals as a transducer. The sensitivity of nanostructures to
be used as a transducer depends on their shape, size, elemental composition, separating
distance, and refractive index surrounding the nanostructures.2
Many nanostructures reported before were in the form of individual particles or
rods having different shapes.3-4 The major issues with these types of nanostructures are
stability and reproducibility. Higher sensitivity can be obtained while data are acquired
from colloidal solutions but on immobilization on substrate for biosensing, decreased in
sensitivity and damping of spectra has been reported before.5
Commercializing the nanostructured–based transducer has not been successful yet
because of some of these major issues, including preparation method, reproducibility,
stability of transducer structure and sensitivity.6 If we use nanostructured films instead of
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individual nanoparticles, we can address some of the issues that are hindering the
nanostructured transducer from commercialization.
Different group have used different techniques to create different types of
nanostructured metal film, the popular of which are nanosphere lithography technique to
create nanotriangles7 and sputtering followed by annealing technique to create gold island
films8. Our group has also previously developed the electrochemical technique to prepare
such films of gold nanostructure to create nanostructured gold film (NGF).9 The
nanostructure prepared by our technique is reproducible, stable, and very sensitive to
detect the biomolecule on its surface using localized surface plasmon resonance
spectroscopy. The NGF containing plate can also be used to detect biomolecules using
electrochemical technique. None of the previously reported film can be used for both
optical and electrochemical technique to detect the biomolecules as the films were
formed on the glass substrate with the individual structures separated from each other at
certain distance making a nonconductive plate overall.
Here,

we

report

the

electrochemical

preparation

technique

to

create

nanostructured silver film (NSF), present refractive index sensitivity of prepared NSF
under different conditions and compare the results with the previously formed gold
nanostructures.
Study of nanostructured silver film is of interest because silver gives better
sensitivity, produces sharper peak, and is cheaper to prepare compared to gold
nanostructures. The main disadvantage of silver compared to gold is that even though
silver is chemically and physically a relatively inactive metal it is more active than gold
and can slowly oxidize or tarnish. However, the popularity of using silver metal
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nanostructures as LSPR transducers is increasing and different types of important
biomolecular interactions and detection have been performed on the surface of silver
nanostructures. In one such study, a film of silver nanotriangles was used to detect the
interaction between amyloid-derived diffusible ligands (ADDL) with anti-ADDL.10
ADDLs are small soluble oligomers found at early stages of amyloid-β (Aβ) selfassembly, and it has been found that ADDLs cause neurological dysfunctions relevant to
memory. It has also been suggested that interaction of ADDL with anti-ADDL antibodies
is possibly involved in development of Alzheimer's disease. Finally, the possible use of
silver nanotriangles as a LSPR based transducer for early detection of Alzheimer’s
disease from body fluid has been reported.10
It is noteworthy to report that there are other instances where oxidation of silver
structures was avoided by creating an inert environment during the study of the
biomolecular interactions.11 In this study, we are particularly focusing on showing a
relationship between deposition time and bulk refractive index sensitivity and figure of
merit of the silver nanostructures formed.

5.2

Result and Discussion
Figure 5.1 shows schematic diagram of the steps performed for the preparation of

nanostructured silver film (NSF). As in NGF, we prepared NSF starting by sputtering 200
nm thick gold on top of a silicon wafer, onto which we attached glass slides using epoxy
glue. We cured the epoxy by keeping glass slides attached silicon wafer inside oven at
150 °C for 2 h. We stripped the glass slide to obtain flat gold surface onto which we have
electrochemically deposited silver from 0.05 M KAg(CN)2 dissolved in sodium carbonate
supporting electrolyte by applying different potentials for different times.
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Figure 5.1 Schematic diagram of NSF preparation steps.
We started the experiment by applying four different potentials: –1.0 V, –1.2 V, –
1.4 V, and −1.6 V for 60 s. We have found that at −1.6 V potential the gold film peels off
of the glass substrate instantly, at –1.4V we sometimes observed slight peeling off the
samples, but at –1.0 V and –1.2 V, the samples were physically stable. We have found
that the structured prepared at –1.2 V shows higher sensitivity compared to structures
formed at –1.0 V which must be because of smoother structure formed at –1.0 V, and we
found similar results before on NGF.9 As a next step, we varied deposition time of silver
on the gold substrate keeping –1.2 V as an optimal potential. Figure 5.2 shows LSPR
spectra obtained for nanostructured silver film prepared by applying −1.2 V for 30 s
(black) to 180 s (cyan), with the increment of 30 s. The NSF formed using this method is
robust with peak wavelength increasing with time of deposition. It can also be seen that
when we prepare NSF using 30 s deposition time, a sharper peak with a smaller full
width at half maximum (FWHM) can be obtained. When we kept depositing silver for a
longer time, the LSPR spectrum kept broadening giving higher FWHM and hence
decreasing the sensitivity of the structure in term of figure of merit, which can be
obtained by dividing bulk RIS by FWHM. For the LSPR based transducers,
nanostructures that can show an initial peak wavelength near the beginning of visible
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light wavelengths and can give better sensitivity is always preferred, as on immobilizing
biomolecules on surface of such nanostructures there is enough space for the spectra to
red shift and still remain within the visible region. Looking at these spectra, we can
conclude that this property is maintained in our structures.

Figure 5.2 LSPR spectra of NSF prepared by applying a deposition potential of −1.2 V
for different times (as indicated).
5.2.1

Refractive index sensitivity of NSF

The LSPR spectra of representative NSF formed by deposition potential of −1.2 V for 60
s are shown in Figure 5.3A for a series of solvents having different refractive index when
passed over the NSF surface. The solvents used were water (1.330), ethanol (1.359),
heptane (1.387), DMF (1.431), and toluene (1.496). As the solvent having higher
refractive index is passed over the NSF surface, the peak becomes broader with a red
shift in the peak wavelength. When the peak wavelength is plotted versus refractive
index, a linear fit can be obtained whose slope provides the bulk refractive index
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sensitivity (RIS) of the structure. The bulk RIS of the NSF prepared by applying different
deposition times was found to range from 142–239 nm/RIU, with the nanostructures
having higher initial wavelength maximum also having higher sensitivity but lower FOM
and vice versa. It should be noted that preparing the NSF by using a deposition time of 90
s or higher does not increase the sensitivity, as can be seen by comparing the slope of the
peak wavelength versus refractive index for the 90 s data with that for the 150 s data
(Figure 5.4). Changing to a longer deposition time only serves to broaden the FWHM.
These as-prepared and optimized sensitive NSF could open possibilities for the
development of cheap and compact LSPR transducers giving better responses for
diagnostic assay applications.

Figure 5.3 (A) LSPR spectra obtained when solutions of different refractive index were
passed over the NSF surface prepared by depositing silver for 1 min by applying a −1.2 V
potential. (B) A linear fit line is obtained when peak wavelength is plotted vs. refractive
index, the slope of which gives the bulk RIS of the nanostructure and is equal to 186 ± 6
nm/RIU.
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Figure 5.4 Comparison of bulk RIS of NSF prepared by applying −1.2 V for different
deposition times (30 s, 60 s, 90 s, and 150 s).
Figure 5.5 shows SEM images of NSF prepared by applying −1.2 V and −1.4 V
for 1 min on increasing magnification. Low-magnification images show a large domain
without cracks, and uniformity of deposition can be seen. The high-magnification image
shows that the −1.2 V prepared structure has less spherical structures whereas the
structure prepared at −1.4 V are more spherical.
5.2.2

Comparison of RIS of silver and gold nanostructure

The bulk refractive index sensitivity (RIS) of a nanostructured silver film prepared by
deposition voltage −1.2 V and deposition time 1 min reaches up to 186 nm/RIU and have
figure of merit (FOM) 2.3. Bulk RIS increases with deposition time up to 150 s to give
239 nm/RIU, but decreasing the FOM to 2.0 because of higher full width at half maxima.
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Figure 5.5 SEM images of NSF prepared by applying (A) −1.2 V and (B) −1.4 V
potential for 1 min of deposition time. The images from left to right are in order of
increasing magnification (scale bars: 2 µm, 0.5 µm, 0.2 µm, respectively).
Deposition for 180 s or more only shows broader peak with decreasing bulk RIS and
FOM. On the other hand, the nanostructured gold film can reach up to nearly 100
nm/RIU at the best optimized condition with FOM of 1.7. The bulk RIS of nanoporous
gold film reaches up to 115 nm/RIU at the best optimized condition with the FOM of 1.3.
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5.3

Conclusions
A facile electrochemical technique was used to prepare LSPR sensitive NSFs. The

NSFs prepared by varying deposition times and potentials were compared for bulk RIS
and FOM. We conclude that the structures prepared at −1.2 V for 1 min can be an
optimal transducer owing to its sensitivity in term of bulk RIS and FOM.
We have also compared the different types of nanostructured films prepared in
our lab. We have found that NSFs are the best in terms of both bulk RIS and FOM. They
can be synthesized in fewer steps and are cheaper to produce. However, they are prone to
oxidation in an open environment, so an inert environment is needed to perform
biosensing experiments. NPG films have better sensitivity compared to NGF, but still
contains significant amount of silver in the sensitive nanostructures. Decreasing the
amount of silver from NPG films, decreases overall sensitivity of the structure. It also
involves multiple preparation steps. NGFs on the other hand are easier to prepare in a few
steps and show better sensitivity compared to other published gold nanostructures as a
film. The structures formed are physically robust and chemically inert to be used as a
transducer for biosensing.
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